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 The global ornamental fish trade has expanded over the past 20 years, requiring captive 
rearing methods to be improved or developed for species of interest. Aquaculture of desirable 
species is preferable over wild harvest to conserve natural habitats and biodiversity. This thesis 
focused on improving culture methods for Golden Topminnows Fundulus chrysotus and 
developing culture methods for Bluenose Shiners Pteronotropis welaka, both native fishes of the 
southeastern United States with ornamental demand. A combination of reproductive metric 
analyses, examination of historical collections, and captive spawning trials were employed to 
target specific objectives for each species. In female Golden Topminnows, they appear to 
conserve the energy invested towards reproduction, as the yolk volume of embryos and egg 
gram-1 fecundity did not differ between female size classes. This nondifferentiated reproductive 
investment, coupled with decreased survival to hatch and smaller total length of larvae at hatch 
indicate stocking greater quantities of small or medium Golden Topminnows may increase 
production. Improved incubation methods could prevent potentially hypoxic conditions that may 
have led to inhibited embryonic development observed in the current study. Historical 
collections of Bluenose Shiners displayed distinct sexual dimorphism, especially in anal and 
dorsal fin lengths when their total length exceeds 45 mm. Results of gonadosomatic index and 
gonad histology analyses indicated a peak in maturity and supposed spawning between mid-May 
and early-June. Captive spawning of Bluenose Shiners was unsuccessful using natural 
environmental cues and/or hormone injections. However, the methods employed herein can 
guide future attempts, as temperature and photoperiod were likely successful at inducing gonadal 
maturation, but improper timing or presentation of nest-associate cues for gamete release may 
have led to the unsuccessful attempts in the current study. Golden Topminnows require further 
ix 
 
examination of stocking density impacts on egg production and larval survival, while Bluenose 
Shiners should be further used in captive spawning studies to determine what cue of their nest-




























CHAPTER 1. INTRODUCTION 
Aquaculture originated, and continues to expand, as an agricultural method to supply a 
consistent, quality food to meet growing demands of increasing populations in complex societies 
(Beveridge and Little 2002; Subasinghe et al. 2009). Since its inception, aquaculture has 
advanced greatly in its ability to meet consumer demand and has expanded its applications (Nash 
2011). Through the 1900s, to present day, aquaculture has extended its reach to supplemental 
and maintenance fish stocking (Nash 2011), baitfish production (Engle et al. 2000), species 
conservation (Anders 1998), and the ornamental fish trade (Ladisa et al. 2017). These 
applications have been driven, in part, through the realization that fish populations around the 
globe are declining in response to factors such as overharvest, habitat alteration, and warming 
climates (Arthington et al. 2016). Aquaculture may be utilized to meet the demands of human 
users while sustaining native fish species by reducing harvest of natural fish stocks. 
The ornamental fish trade has gained recognition for its negative effects on the 
sustainability of species and their associated habitats through wild harvest (Chao et al. 2001; 
Cato and Brown 2003; Livengood and Chapman 2007). Predominately within developing 
nations, the marine ornamental fish trade has been particularly harmful to coral reefs through 
overharvest (Sadovy and Vincent 2002) and destructive collection methods (Green 2003; 
Wabnitz et al. 2003; Bell et al. 2009). Similarly, freshwater fishes may be negatively impacted 
by factors, such as toxic chemicals used for capture, overharvest, and mortality in transport 
(Livengood and Chapman 2007). From 2000 – 2011, global exports of ornamental fish grew 
from a value of 181 million to 372 million USD, and as of April 2017, the total industry was 
valued at approximately 15 billion USD globally (Ladisa et al. 2017). While North America 
accounted for 3.98% of global exports (13.8 million USD) in 2014, the United States were the 
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world leader in imports at approximately 42.9 million USD (Dey 2016). A survey of marine 
aquaria hobbyists found support for cultured ornamental fishes to reduce harmful effects on the 
environment, over a program to inform consumers that was organized by the Marine Aquaculture 
Council (Alencastro et al. 2005). Furthermore, hobbyists have indicated a willingness to pay a 
25% higher cost associated with cultured ornamentals for their conservation benefit and typically 
enhanced survival in aquariums (Job 2005). Despite 90% of freshwater ornamentals being 
cultured world-wide, Florida supplies approximately 80% of the annual total within the United 
States (Ladisa et al. 2017). Florida’s production has historically focused on eight taxonomic, 
tropical fish families (Hill and Yanong 2002); therefore, extending methods to other families 
could contribute to the conservation of wild stocks with potentially unknown culture methods. 
A major obstacle preventing effective culture of many North American fishes has been a 
lacking knowledge of life history descriptions and associated methods to induce gonadal 
development and spawning (Lorenzen et al. 2012). Analyses such as gonad histology and 
gonadosomatic index may be employed to determine the stage of development and readiness of a 
fish to spawn at a given time (Brewer et al. 2008). Gonadal development is often associated with 
seasonal fluctuations in temperature and photoperiod (Schwassman 1980; Lam 1983), and has 
been demonstrated through laboratory manipulations to induce spawning (e.g., Archdeacon and 
Bonar 2009). Fish may also require specific spawning substrates, such as: clean gravel (Gibson 
and Fries 2005); floating vegetation (Green et al. 2010); or crevices (Rakes et al. 1999). In some 
cases, when natural cues are not known or not easily artificially replicated, exogenous hormones 
can be used to induce gonadal maturation and spawning (Mylonas et al. 2009). Once culture 
methods are established, factors such as female fecundity and influence on embryo and larval 
success may further impede production (Patterson et al. 2013). 
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With this knowledge, the goal of the current thesis was to enhance production of two fish 
species currently limited in their aquaculture potential. One, Golden Topminnow Fundulus 
chrysotus, has defined culture methods but the efficiency of their production is hindered by low 
fecundity. The other species, Bluenose Shiner Pteronotropis welaka, does not have defined 
culture methods and descriptions of their reproductive life history in their natural environment, 
that could guide culture, are limited. Therefore, the specific objectives were: 1) Quantify 
intraspecific variation in female Golden Topminnow fecundity and subsequent metrics at the 
embryonic and larval stages; 2) Increase knowledge of Bluenose Shiners’ life history and 
reproduction through morphometric, gonadosomatic index, and gonad histology analyses of 
historical specimens; 3) Identify culture methods for spawning Bluenose Shiners. After a 
comprehensive literature review, the objectives were utilized to formulate and test the following 
hypotheses: 1) Fecundity, and fitness of progeny, increases with increasing female Golden 
Topminnow weight; 2) Bluenose Shiner morphological traits are expressed differentially 
between males and females, and gonadal assessments indicate a peak in maturity around mid-
May to early-June; 3) Hormone injections and/or natural environmental cues can be used to 








CHAPTER 2. WEIGHT DEPENDENT INTRASPECIFIC VARIATION IN 
REPRODUCTIVE PARAMETERS OF FEMALE GOLDEN 
TOPMINNOWS 
2.1. Introduction 
Conservation of native North American freshwater species can be complicated by 
inadequate life history descriptions, including reproductive methods (Lorenzen et al. 2012). 
Within the genus Fundulus, there are multiple reasons calling for improved methods in their 
propagation: supplementing conservation efforts, production for baitfish, and supplying the 
ornamental trade. Threats to Fundulus spp. at various life stages include habitat loss, dewatering, 
altered flow regimes, increasing water temperatures, deforestation and contaminant siltation, and 
non-native species introductions (Lindquist and Yarbrough 1982; Ruiz-Campos 2000; Eberle 
2007; Krabbenhoft et al. 2009). The Barrens Topminnow F. julisia has been proposed, a second 
time (originally in 1977), for listing as a federally endangered species (USFWS 2018). Attempts 
to precede endangered status have been made by the Barrens Topminnow Working Group via 
stocking of propagated fishes (Goldsworthy and Bettoli 2006). Patterson et al. (2013) suggested 
that development of optimal culture methods for baitfish such as the Gulf Killifish Fundulus 
grandis, Seminole Killifish F. seminolis, and Mummichog F. heteroclitus would benefit 
production across their complex. Leitholf (1917) described Golden Topminnows F. chrysotus as 
“worthy of a place in every collection. It endures well – I have had specimens for three or more 
years.” The ornamental fish trade calls for cultured stocks, as it has gained recognition for its 
negative effects on the sustainability of species and their associated habitats through wild harvest 
(Chao et al. 2001; Cato and Brown 2003; Livengood and Chapman 2007). 
Fecundity, size of fertilized eggs, time to hatch, and size of larvae upon hatching all 
influence reproductive success and efficiency (Duarte and Alcaraz 1989). As fish grow, a shift in 
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energy investment occurs from somatic growth towards gonadal investment, therefore, larger 
fish tend to exhibit greater fecundity (Wootton 1979). Hence, species specific fecundity-size 
relationships are important to establishing broodfish biomass or abundance to egg production 
estimates (Murua et al. 2003). Another factor influencing fecundity is whether a fish produces 
many small eggs or few large eggs (Wootton 1979; Duarte and Alcaraz 1989). Increased egg size 
typically leads to increased larval survival (Duarte and Alcaraz 1989; Chambers and Leggett 
1996), a result of greater total length at hatch than larvae from a smaller egg. More developed 
larvae, usually characterized as precocial (Balon 1981), have a larger mouth gape and improved 
locomotion, contributing to increased survival. Egg size is therefore most likely dependent on 
spawning type, adaptations to high initial mortality; typically, demersal spawners produce a 
small number of larger eggs while pelagic spawners produce many smaller eggs (Duarte and 
Alcaraz 1989). Production of fewer and larger eggs by freshwater fish (Wootton 1979; Miller et 
al. 1988; Duarte and Alcaraz 1989; Kamler 1992) is a factor largely influencing their efficient 
culture, but with high larval survival likely, maximizing fecundity could be of paramount 
importance. 
Golden Topminnows are the basal member (original ancestor) of the subgenus 
Zygonectes, which currently contains two of the eight Fundulus spp. of conservation concern 
(Cashner et al. 1992; Ghedotti and Grose 1997). They are commonly found across their native 
range, which extends along lowland areas of the Gulf of Mexico coast, from Eastern Texas 
through Florida, to the Atlantic Coast where it extends north to the Santee River drainage in 
South Carolina, and northward up the Mississippi River Valley to southeastern Missouri and 
southwestern Kentucky (Leitholf 1917; Brown 1956; Robison and Buchanan 1988; Boschung 
and Mayden 2004a). They inhabit a variety of water bodies, ranging from oxbow lakes to ditches 
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(Robison and Buchanan 1988; Boschung and Mayden 2004a). This species, and many other 
Fundulus spp., exhibit sexual dimorphism. Both sexes have a light olive-green body color, small 
golden flecks on the body, and no dusky suborbital bar or broad dark lateral stripe. Males have 
red/reddish-brown spots on sides, vertical fins, and anal fin. They also usually have 6-10 dusky 
or green vertical bars on their sides. Females lack red spots and vertical bars on the body 
(Leitholf 1917; Robison and Buchanan 1988; Boschung and Mayden 2004a). Sexual 
dimorphism, in addition to general hardiness, has led to the emergence of Golden Topminnows 
as a desirable ornamental fish (Leitholf 1917). In addition to garnering their own demand for a 
consistent, non-deleterious stock to support the ornamental trade, Golden Topminnows could act 
as a model organism for improving Fundulus reproductive methods as a hardy and abundant 
freshwater species within the genus. 
Although some Fundulus species are well studied, there is a dearth of information within 
peer-reviewed literature on the reproductive biology for Golden Topminnows. Most research on 
Fundulus spp. has focused on two brackish-water fishes: Mummichog and Gulf Killifish (two of 
the previously mentioned baitfish). The primary impediment to the successful commercial 
production of these Fundulus spp. is low fecundity (Patterson et al. 2013). Golden Topminnows, 
and many other Fundulus, are batch spawners (Leitholf 1917; Hellier 1967; Pflieger 1975), 
displaying batch fecundity (deVlaming 1983), meaning they release eggs over the course of a 
protracted spawning period (Hunter et al. 1985). This complicates the ability to measure total 
fecundity for species within the genus. Fecundity of Mummichogs and Banded Killifish 
Fundulus diaphanus increased relative to maternal length but varied between populations in 
response to nutritional or environmental factors (Fritz and Garside 1975). In addition to 
increased fecundity in larger female Gulf Killifish, Patterson et al. (2013) found that egg volume 
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increased with female broodfish size, eggs took longer to hatch, hatched smaller in size, and had 
greater body cavity area upon hatch. 
Chambers and Leggett (1996) found that variability in egg size, larval total length, and 
other developmental traits are significantly influenced by maternal effects. Further, fecundity is 
dependent in part on egg size, with egg size contributing to larval success. These maternal effects 
in Golden Topminnows must be described to optimize reproductive output and survival of eggs 
to hatching into fit larvae. Culture of them and other Fundulus spp. may then be feasible for the 
ornamental trade and reduce harvest from wild populations. The current study will examine this 
framework within three size (weight) classes of Golden Topminnows, with the objective to 
determine an optimal size class for broodfish stocking. Specifically, to determine female 
influence on egg production, embryo morphometrics, hatch time, survival to hatch, and larval 
morphometrics that could offset the low fecundity observed in Fundulus spp. 
2.2. Materials and methods 
2.2.1. Fish source and feeding 
 Broodfish for the current study originated from wild populations in waterways within the 
East Baton Rouge Parish, LA. They were maintained in large outdoor mesocosms for a minimum 
of one year prior to initiation of the current study, over which time the medium and large female 
fish likely spawned (small size class females for the current study were in their first full 
spawning season as mature adults). Fish were fed a 3% total fish biomass diet daily (Monday-
Friday) each week for the duration of the study. Small size class fish were fed Aquaxcel starter 
5014 (50% protein, 14% lipid; Cargill Animal Nutrition, Minneapolis, MN, USA), while 
medium and large fish were fed Otohime EP1 (48% protein, 14% lipid; Marubeni Nisshin Feed 
Co., Tokyo, Japan). In the outdoor study, this supplemented natural prey within the mesocosms. 
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2.2.2. Indoor palpations 
 This study was conducted in nine 100-L glass aquaria at the Louisiana State University 
Agricultural Center’s Aquaculture Research Station, Baton Rouge, LA, in 2018. Each aquarium 
contained an air stone, and 53 L of recirculating filtered water maintained at 28.1 ± 0.84°C and 
14 h light:10 h dark. Six females and three males from each size class were stocked in triplicate 
to the described recirculating aquaculture system. Small, medium, and large size class females 
had mean ± SEM weights of 5.3 ± 0.14 g, 8.2 ± 0.17 g, and 11.2 ± 1.26 g, respectively. Males 
were stocked within approximately the same size range of their associated female size class 
(Small: 5.7 ± 0.19g; Medium: 8.53 ± 0.16g; Large: 12.2 ± 0.47g). 
Females were anaesthetized and palpated every 3-4 days (beginning July 6), for 2.5 
weeks. Following anaesthetization with 50 mg/L MS-222 (Tricaine Methanesulfonate), each fish 
was dried off and weighed before palpation to provide an exact egg/gram female fecundity 
measurement for each fish. Palpations were performed with consistency on each date (by the 
same person) through application of light pressure to the abdomen, extracting only ripe eggs 
(Strawn and Hubbs 1956). Extracted eggs were counted and recorded in association with each 
individual female’s weight. If no eggs were ovulated, the fecundity was zero and the values were 
dropped from later analyses, except the following. Mean eggs female-1 day-1 was calculated as 
the number of eggs ovulated by all females from each size class (18) on each day palpations took 
place (3 or 4 days in between), then averaged across all five palpations. 
2.2.3. Outdoor spawning setup 
 This study was conducted in nine outdoor, above-ground, fiberglass tanks (mesocosms). 
Each mesocosm was 2.4 m in diameter and filled with approximately 0.05 m3 of river silt and 2.8 
m3 of water from a fallow aquaculture research pond (water height = 0.62 m; tank height = 0.75 
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m). Tubing and air stones were outfitted to each, providing oxygen for the fish. Netting was 
secured over the mesocosms to prevent predation. Shade cloth (60% coverage of tank surface 
area) was used to reduce thermal stress that could result from full exposure to direct sunlight 
(Gothreaux and Green 2012). Fish were stocked at a 2:1 female to male ratio in triplicate for 
each size class on March 23, 2018. Twelve females of the small size class (3.6 ± 0.08 g), ten 
females of the medium size class (5.9 ± 0.12 g), and eight females of the large size class (9.1 ± 
0.25 g) were stocked in each of three mesocosms. Males were stocked within approximately the 
same size range of their associated female size class (Small: 3.8 ± 0.08 g; Medium: 6.4 ± 0.11 g; 
Large: 9.5 ± 0.23 g). 
2.2.4. Egg collection 
 The original spawning setup aimed to utilize methods previously used by Green et al. 
(2010) to collect Gulf Killifish eggs within outdoor static pools. Thus, the original methods 
utilized a single 30 cm by 30 cm Spawntex (Blocksom and Co., Michigan City, IN, USA) 
spawning mat suspended 22 cm under the surface of the water. Spawning mats were deployed on 
April 6, 4 days prior to the first collection. During the initial egg collections, it was observed that 
eggs had been deposited on natural, submerged vegetation within the mesocosms. To remedy 
this, a second mat was deployed on the bottom of each, and an aquarium net (1 mm mesh) was 
used to extract plants and algae from the quadrant containing the spawning mats. Twice weekly 
egg collections (Tuesday and Friday) began April 10 (2 weeks post-stocking), and continued 8 
weeks, through June 5. To collect eggs from the Spawntex mats, mats were inverted onto a grate 
over a shallow bin, water from the mesocosm was poured over the mat, and the mat was patted to 
dislodge eggs. Then, the water containing freed eggs was poured over a window screen (18 × 16 
strand mesh) that retained the Golden Topminnow eggs. Spawntex mats were visually inspected 
10 
 
for any remaining eggs within the fibers following physical removal of the eggs. Plants and algae 
collected from the mesocosms were also examined visually and tactilely for eggs. The collected 
eggs were then placed in a petri dish containing fresh water and labeled for each mesocosm and 
collection date. 
2.2.5. Embryo analyses 
 Embryos were determined to be viable (fertilized and developing) or unviable (not 
fertilized or dead). Viable embryos were cleaned, transferred to a new petri dish labeled with the 
collection date and tank, held for image capture, and stored in a non-light controlled, laboratory 
oven acting as an incubator (Temperature: 25.7 ± 0.65°C [mean ± SD]) to maintain all embryos 
at a consistent temperature throughout the study. Immediately upon collection, images of 
embryos were taken for each of the nine groups (n = 1-8 random embryos per collection per tank, 
n = 8 for all collections of 8 or more) using a Nikon SMZ-U (Nikon, Inc., Melville, NY, USA) 
dissecting microscope and AmScope 3.7 software (AmScope, Irvine, CA, USA). These digital 
images were later analyzed using Image Tool 3.0 software (The University of Texas Health 
Science Center, San Antonio, TX, USA). After calibrating to an image of a 1.00 mm calibration 
slide, the two-dimensional surface area of the egg shell from above, equatorial diameter of the 
prolate spheroid, and polar axis of the prolate spheroid could be measured. Embryo yolk volume 
was then calculated using the prolate spheroid measurements of each embryo: 




where V is the volume in mm3, a is the equatorial diameter (mm), and b is the length of the polar 
axis (mm). Embryos determined to be developed past Stage 26 (Armstrong and Child 1965) were 
discarded from later analysis to avoid skewed results from the conversion of yolk volume to 
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body development. Beginning with Stage 27, the embryo continues to grow and the size of the 
yolk sac gradually declines. 
2.2.6. Larval analyses 
 Each day following initial collection, petri dishes containing embryos were removed from 
the incubator to check for hatching. Dead embryos that had begun to degrade or were taken over 
by mold/fungus were removed with plastic pipettes, and the water in each petri dish was 
exchanged for clean system water that was stored in the incubator. Total number of hatched 
larvae were recorded each day following collection. A percentage of eggs surviving to hatched 
larvae was also calculated from these data. 
Newly hatched larvae (n = 0-5 random hatched larvae from each tank per collection date, 
n = 5 whenever possible) were anaesthetized with a solution of 30 mg MS-222, 100 mL system 
water, and 750 mg sodium bicarbonate. Once anaesthetized, larvae were transferred to a 
Sedgewick rafter cell to be photographed using the Nikon SMZ-U dissecting microscope and 
AmScope 3.7 software. Image Tool 3.0 was then utilized to measure total length for each larva, 
equatorial diameter of the yolk, and polar axis of the yolk. The formula used to calculate embryo 
yolk volume was again utilized to calculate the yolk volume for each larva. 
2.2.7. Water quality 
 Water quality was monitored to ensure proper fish health throughout the duration of the 
study. Temperature data loggers (HOBO Pendant UA-002-64, temperature accuracy: ±0.53°C, 
Onset Computer Corp., Bourne, MA, USA) were deployed upon stocking and recorded water 
temperature hourly throughout the study. Prior to initial stocking and weekly/biweekly 
(inside/outside) thereafter, dissolved oxygen (DO), pH, ammonia nitrogen (TAN), and total 
alkalinity were recorded for each outdoor tank and the indoor recirculating system. All outdoor 
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mesocosm water quality parameters were measured between 8:30 and 9:30 am. Dissolved 
oxygen was measured using a YSI model 55 DO meter (YSI Inc., Yellow Springs, OH, USA) 
and pH was determined with an Orion Star model A211 pH meter (Thermo Fisher Scientific Inc., 
Waltham, MA, USA). A Hach model DR 900 multiparameter portable colorimeter was used to 
determine TAN (salicylate method; Hach Co., Loveland, CO, USA) and total alkalinity was 
calculated using standard titration techniques. 
2.2.8. Statistical analyses 
 Statistical Analysis Software version 9.4 (SAS Institute Inc., Cary, NC, USA) was used 
for all statistical analyses. Comparisons between broodfish size class for measures of fecundity 
(number of ovulated eggs and the ratio of ovulated eggs per gram female weight) were made 
using general linear model analysis of variance (PROC GLM; all assumptions of the models 
were evaluated) with the Ryan-Einot-Gabriel-Welsch (REGWQ) post-hoc test; these analyses 
were also applied to the embryo and larval morphometrics to compare variation between size 
classes and within each over time. Influence of differing embryo densities during incubation until 
hatching on survival to hatch was analyzed using a generalized linear mixed model (PROC 
GLIMMIX) of survival by group with tank, density, and date as random factors. This model was 
selected based on Akaike Information Criterion (AIC). The proportion of embryos surviving to 
hatch between broodfish size class was analyzed by chi-square analysis (PROC FREQ). All 
statistical tests utilized a significant alpha (α) level of 0.05. 
2.3. Results 
2.3.1. Fecundity 
 Mean number of ovulated eggs, measured through palpations, was statistically significant 
between female size classes, wherein large females produced more than both small and medium 
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groups (F2,95 = 5.07, P < 0.01). Figure 2.1 displays the variation in the number of ovulated eggs 
by individual females of specific weights. Egg per gram female fecundity (Small: 2.8 ± 0.64; 
Medium: 2.3 ± 0.51; Large: 3.1 ± 0.51 [mean ± SEM]) was not statistically significantly different 
between size classes (F2,95 = 0.67, P = 0.51). Eggs female
-1 day-1 (including all females each day) 
were 1.1 ± 0.70, 2.0 ± 0.69, and 5.2 ± 1.40 for small, medium, and large female broodfish, 
respectively. 
 
Figure 2.1. Scatterplot displaying the relationship between female weight and the number of eggs 
released for small, medium, and large size classes from palpations every 3-4 days for 2.5 weeks. 
2.3.2. Embryo and larval analyses 
Spawning began in all mesocosms approximately 4 weeks post-stocking (2 weeks after 
spawning mats were deployed). At this time, average water temperature was sustained above 
21°C for a full week, and adequate egg numbers were collected from each mesocosm, thereafter, 
every 3-4 days for 6 weeks. Embryo morphometrics (egg area and yolk volume), median time to 
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hatch, and percent survival to hatch are presented in Table 2.1. Egg area was statistically 
significantly greater in progeny from large size class broodfish (F2,502 = 9.37, P < 0.01). Across 
collections, egg area was statistically significantly different within all three size classes (Small: 
F10,140 = 2.16, P = 0.02; Medium: F11,144 = 3.42, P < 0.01; Large: F11,186 = 9.97, P < 0.01). Yolk 
volume was not statistically significantly different between size classes (F2,502 = 2.49, P = 0.08). 
Embryo yolk volume was statistically significantly different over time for all size class progeny 
(Small: F10,140 = 4.29, P < 0.01; Medium: F11,144 = 2.50, P < 0.01; Large: F11,186 = 7.33, P < 
0.01). Time to hatch was statistically significantly greater in large size class females’ embryos 
(F2,1640 = 41.21, P < 0.01). Survival of embryos to hatch was not statistically significantly 
influenced by density during incubation (F2,109 = 0.64, P = 0.53). The proportion of embryos to 
hatch was statistically significantly different across size class progeny (X22, N=2825 = 253.15, P < 
0.01).  
Table 2.1. Mean ± SEM egg area (mm2), yolk volume (mm3), time to hatch (d), and percent 
survival to hatch for Golden Topminnow during a 6-week spawning period. Within columns, 
different letters denote statistically significant differences among female size classes for each 
embryo parameter (Ryan-Einot-Gabriel-Welsch Range Test, P ≤ 0.05).  
Female Size 
Class 









Small 3.37 ± 0.02a 2.29 ± 0.02 6.2 ± 0.1a 78.2 
3.6 ± 0.1 g     
n 151 151 369 472 
    
 
Medium 3.40 ± 0.02a 2.33 ± 0.02 6.1 ± 0.1a 73.3 
5.9 ± 0.1 g     
n 156 156 534 728 
    
 
Large 3.47 ± 0.01b 2.35 ± 0.02 7.3 ± 0.1b 45.5 
9.1 ± 0.2 g     




Of the 501 larvae utilized for this analysis, only one large progeny was deformed, 
exhibiting lordosis (Chatain 1994) and cranial deformities. Figure 2.2 contains comparisons of 
larval total length and yolk volume across broodfish size classes. Total length of larvae was 
statistically significantly less in progeny from large female broodfish (F2,498 = 7.70, P < 0.01).  
 
Figure 2.2. Mean ± SEM total length (TL; black bars) and yolk volume (YV; white bars) of 
newly hatched larvae across female broodfish size classes. Post-hoc comparisons were applied 
separately to each morphometric and letters denote statistically significant differences (Ryan-
Einot-Gabriel-Welsch Multiple Range Test, P ≤ 0.05). 
Across collections, total length was not statistically significantly different within small (F10,144 = 
1.76, P = 0.07) or medium (F12,165 = 1.01, P = 0.44) progeny, but was statistically significantly 
different for large size progeny (F11,156 = 3.26, P < 0.01). There was no statistically significant 
difference in the yolk volume of larvae from different female broodfish size classes (F2,498 = 
0.21, P = 0.81). Larval yolk volume was statistically significantly different across collections for 
all size class progeny (Small: F10,144 = 2.69, P < 0.01; Medium: F12,165 = 2.14, P = 0.02; Large: 
F11,156 = 2.61, P < 0.01). Due to high within date variation from the mean for yolk volume, only 
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four pairwise comparisons displayed statistically significant differences within the small size 
class. 
2.3.3. Water quality 
 The mean weekly water temperature of the indoor recirculating system ranged from 27.2 
± 0.57 to 28.5 ± 0.69°C. Weekly mean water temperature in outdoor mesocosms ranged from 
21.7 ± 1.59 to 30.2 ± 1.12°C, these being the first week leading up to recorded egg collections 
and the final week of collections, respectively. Water quality parameters measured through the 
duration of the study were largely within the limits of a closely related species, Gulf Killifish, 
(Tatum et al. 1982) (Table 2.2). A potential exception was DO in the outdoor mesocosms; only 
one had a DO below 3 mg/L (on May 18), thus, DO levels were never observed in a range of 1-3 
mg/L for a 24 h period which would cause alarm. Due to inherent difficulties in capturing all fish 
from an above-ground cylindrical tank with submerged aquatic vegetation, survival of broodfish 
was not assessed for the duration of the outdoor study. Through the indoor study, one female 
from the large size class did not revive following the second palpation and two males from the 
small size class died for unknown reasons. 
Table 2.2. Indoor recirculating system and outdoor mesocosm water quality parameters, 
represented by mean (x̅) ± SEM and range (R). 
  DO (mg/L) pH TAN (mg/L) Alkalinity (ppm CaCO3) 
Inside x̅ 6.6 ± 0.0 8.4 ± 0.1 0.02 ± 0.01 205.4 ± 14.3 
 R 6.5 – 6.7 8.2 – 8.7 0.00 – 0.07 168 - 255 
Outside x̅ 5.9 ± 0.3 8.5 ± 0.1 0.04 ± 0.01 91.2 ± 5.9 
 R 2.6 – 9.4 8.2 – 8.9 0.00 – 0.08 70 – 170 
 
2.4. Discussion 
 Large female broodfish consistently produced the greatest number of ovulated eggs 
throughout the current study. However, when standardized by weight, large size class females 
did not differ in relative egg production from either small or medium size class Golden 
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Topminnows. Patterson et al. (2013) reported differences in periodic fecundity without 
standardizing egg production by female weight, but they there was no statistically significant 
difference between medium and large size class female gonadosomatic index. Yolk investment 
appears to be conserved across female size classes, contributing to high survival and larval 
fitness even in the smallest females’ progeny. Lower survival of large size class embryos to 
hatch and apparent decreased fitness at hatching may have important implications to Golden 
Topminnow culture and future studies. 
Egg per gram fecundity of Fundulus spp. may differ from the majority of fishes, which 
exhibit significant increases in fecundity with increasing body size. This deviation from the 
literature may have resulted from the utilization of palpations to extract ovulated eggs every 3-4 
days rather than typical, volitionally spawned egg collections. Alternatively, this phenomenon 
may be better explained by a comparison of total egg output and body condition, or energetic 
demands. Older (and often larger) females may allocate a greater percentage of their energy 
stores to reproduction - specifically egg production (Berkeley et al. 2004). In the case of the 
current study, however, all size classes of Golden Topminnow displayed similar weight changes. 
This finding suggests that all fish were investing similar proportions of energy to reproduction 
and somatic growth, potentially taking a greater toll on the energy requirements of larger 
females. Therefore, while large females were producing greater quantities of eggs, energy being 
allocated away from reproduction may have been similar to that of small and medium size 
classes, making their weight normalized fecundities approximately equal. As a small, batch-
spawning fish, Golden Topminnow are likely income breeders, using ‘concurrent intake to pay 
for a reproductive attempt’ (Stephens et al. 2009). Wallace and Shelman (1980) found that 
Mummichog gradually lost mature oocyte production in 2-8 days without food in the lab. 
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Increased stress in the laboratory setting may have led to reduced feeding in some of the females 
used for the current study, contributing to reduction or cessation of mature oocyte production and 
ultimately decreased fecundity. Regardless, large females ovulated 2.5 times more eggs female-1 
day-1 than medium and 5 times more than small females. 
Embryo morphometrics suggest conservation of energy allotted to yolk production in 
intraspecific females, opposed to typical trends favoring production of larger eggs by large fish 
as a result of increased partitioning of reproductive mass to individual egg production (Buckley 
et al. 1991). Although egg shell area was only statistically significantly greater in those from 
large size class females, there was a small increase observed in the mean from small to medium 
females. A similar metric, chorion volume, used to quantify the same metric in Gulf Killifish 
embryos increased significantly between female size classes (Patterson et al. 2013). Duarte and 
Alcaraz (1989) described positive relationships between egg size and larval length, time to hatch, 
and time to yolk resorption. These results would support the concept that as egg size increases, a 
fish’s potential to survive consequently increases (McGurk 1986). However, initial yolk volume 
is a better indicator of the energy contained within an egg than chorion or egg shell dimensions 
(Chambers et al. 1989), and in the current study, embryo yolk volume displayed non-significant, 
minute increases from small to medium and medium to large size classes. 
Incubation density, while not statistically contributing to decreased survival in large size 
class progeny, may have worked in conjunction with non-differentiated embryonic yolk 
investment to cause the decreased survival, delayed hatch, and smaller total length at hatch 
observed in this group. Female Golden Topminnows in the large size class produced the greatest 
numbers of eggs per collection, with 8 collections of more than 50 eggs from a single outdoor 
pool. Each pool’s eggs were generally incubated in a single petri dish specific to that group and 
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day. Krogh (1941) stated that for eggs incubating in water, the amount of oxygen available for 
diffusion is limited by embryo size, with volume (size) determining its oxygen requirements. The 
rate of oxygen consumption increases from fertilization through hatching and tends to be greater 
in larger eggs and at higher temperatures (Rombough 1988). Brook Trout Salvelinus fontinalis 
and Rainbow Trout Oncorhynchus mykiss embryos displayed inhibited development at lower 
oxygen levels compared to a control group at an oxygen level near air-saturation (Garside 1966). 
The inhibited development is likely a sublethal response of the developing fish to hypoxia, 
wherein they experience reduced rates of growth and development, morphological changes, and 
a variety of metabolic and physiological adjustments (Rombough 1988). Therefore, 
overcrowding of petri dishes for some cohorts throughout the study may have contributed to 
hypoxic conditions, especially considering the greater oxygen demands of large eggs without 
increased yolk volume to offset energetic tolls from lower oxygen availability. While the trout 
species referenced also have precocial larvae, it is important to note that embryogenesis takes 
place over a longer period than in Golden Topminnows. Future studies may consider employing 
more advanced incubation techniques. 
As noted previously, Patterson et al. (2013) did not report embryonic yolk volumes, but 
some other observations correlate with the findings in the current study. Length at hatch in each 
was significantly lower in large size class larvae than the smallest. This contradicts the 
observation that, within species, total length of larvae typically increases as egg size increases 
(Lagomarsino et al. 1988; Duarte and Alcaraz 1989). In both studies, embryos produced by the 
largest size class had the greatest chorion size, so larvae hatching from these eggs would be 
expected to have a greater total length at hatch than the larvae from smaller eggs produced by the 
other size classes. Yolk volume in larvae increased insignificantly in Golden Topminnows, and 
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body cavity area of Gulf Killifish larvae was significantly greater in medium and large groups 
(Patterson et al. 2013). Next, percent survival of embryos to hatch was lowest for those produced 
by large Golden Topminnows and did not differ in Gulf Killifish (Patterson et al. 2013). Again, 
this opposes the generally recognized trend favoring greater survival of large eggs (McGurk 
1986). Time to hatch increased between each size class in Gulf Killifish (Patterson et al. 2013) 
and was significantly greater in large Golden Topminnows. This follows that larger eggs display 
a positive linear relationship with time to hatch (Duarte and Alcaraz 1989). These similarities 
suggest that yolk production may be conserved in all females within Fundulus, ultimately 
leading to decreased fitness in large size class progeny. 
Batch spawning fishes have been observed to display variability in egg size over the 
course of a spawning season, egg size typically declining as spawning progresses (McEvoy and 
McEvoy 1991). Maternal effects can be controlled by sampling over the duration of their 
spawning period. In this study, sampling of distinct size classes consistently on the same days 
throughout 6 weeks of their spawning period should have controlled for any influence of batch 
variation. Surface area of eggs, embryo yolk volume, total length, and larval yolk volume, 
however, did not suggest a trend in which egg size decreases in batches as the spawning season 
progresses. Egg surface area and embryo yolk volume appear to fluctuate more from batch to 
batch, without a steady downward trend. Gulf Killifish mean number of eggs per milliliter over a 
152 day study increased, indicating that individual egg volume declined as the spawning season 
progressed (Green et al. 2010). In the current study, mean egg surface area declined by 7.4%, 
4.6%, and 10.0% between initial and terminal batches for small, medium, and large size classes, 
respectively. However, from the initial batch to the batch prior to the terminal batch, mean 
surface area decreased by 1.7% in the small size class and increased by 3.0% and 2.3% for the 
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medium and large size classes, respectively. Larval total length and yolk volume appeared to 
fluctuate even less over time. This may be a result of the controlled environment all embryos 
were maintained in until hatching, while embryo morphometrics were dependent on both 
environmental and maternal effects. Although not in the planned scope of the current study, 
Golden Topminnow batches through the period examined did not display an obvious trend as has 
been observed in other batch spawning fishes. To draw conclusions about batch variation over 
the spawning period in Golden Topminnows, a longer spawning period would be required. 
Since Fundulids exhibit relatively low fecundity, the next area of research should 
determine an optimal broodfish stocking density. Despite the goal to maximize reproductive 
output, higher stocking densities come with potential animal welfare concerns. Increased 
stocking densities may become less productive or economical, in response to multiple factors: 
feed requirements, growth, water quality, diseases, and competitive interactions (Ashley 2007). 
Joseph et al. (2017) suggests using the smallest of the stocking densities they tested (10 fish/m3) 
to obtain optimal Seminole Killifish Fundulus seminolis egg production; at that density, 
fecundity was significantly higher and total adult mortality was significantly lower. Conversely, 
Green et al. (2010) suggests using an intermediate stocking density (30 fish/m3) for optimal Gulf 
Killifish egg production. At this density, egg production was only significantly lower than the 
highest stocking density in two months out of the five-month study period, and adult survival 
was significantly greater than in the highest stocking density. To further optimize reproductive 
output in Golden Topminnows, future research should aim to determine the most appropriate 
stocking density and male to female ratio (utilizing large size class individuals). 
This study provides a groundwork for the culture of Golden Topminnow. It was 
determined that they readily spawn in response to methods previously utilized for other, closely 
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related species in outdoor mesocosms. Water temperatures of 27-30°C and photoperiod of 13-14 
h light to 10-11 h dark should be target spawning conditions (these produced the greatest 
numbers of embryos throughout the outdoor study). Incubation of embryos at approximately 
25.7°C induced a median hatch date of 6-7 days for all three size classes. Embryo density in petri 
dishes should be considered when incubating, daily water changes may not be adequate to 
prevent mass die-offs or inhibited development due to potential hypoxic conditions from oxygen 
consumption, especially by larger embryos. Since egg production increases with body mass, 
female yolk investment is conserved across size classes, but survival and fitness may decline in 
large size class progeny, there may be a trade off in production. In addition to the previous 
suggestions for future studies, other important aspects of commercial production to maximize 
growth and survival to market size, determine potential paternal size influence, and promote 














CHAPTER 3. MORPHOLOGICAL AND GONADAL ASSESSMENTS 
FROM HISTORICAL COLLECTIONS OF BLUENOSE SHINERS 
3.1. Introduction 
 Natural history collections contain a wealth of information within preserved specimens 
that could be utilized to manage and conserve natural resources (Krishtalka and Humphrey 2000; 
Ponder et al. 2001; Suarez and Tsutsui 2004; Pyke and Ehrlich 2010). In the past 20 years, 
biological collections in museums have been examined to research ecological and environmental 
issues (Pyke and Ehrlich 2010). Preserved specimens are increasingly associated with databases 
containing information including collection site, date, and miscellaneous field notes that provide 
insights to the distributional status of that organism (Ponder et al. 2001; Graham et al. 2004). 
Beyond distributional data, collections are utilized in other research topics such as disease, 
ecology, evolution, genetics, morphology, and life history (Abrahamson 2015). There are 
growing arguments for the importance of natural history collections to provide researchers with 
information that would otherwise be difficult to gather from declining populations (Shaffer et al. 
1998; Suarez and Tsutsui 2004). 
Morphology has been, and will continue to be, an important source of information 
utilized for taxonomic and evolutionary studies (Strauss and Bond 1990; Pyke and Ehrlich 2010). 
Additionally, morphology can be utilized to distinguish sexually dimorphic characteristics 
between males and females of a given species, providing insight to their ecology, behavior, and 
life history (Kitano et al. 2007). An analysis of preserved Blacknose Dace rhinichthys obtusus 
and Creek Chub Semotilus atromaculatus revealed morphological divergence between urban and 
rural stream populations, an evolutionary response to altered flow regimes experienced in urban 
environments (Kern and Langerhans 2018). Predation pressure may influence prey habitat 
selection which, in turn, has led to adaptive morphological variation in response to the 
24 
 
environmental structure or diet composition of the new habitat (Eklöv and Svanbäck 2006). 
Habitat alteration can also have direct influences on morphology of stream fishes, this response 
has been observed in comparisons of reservoir/riverine populations of Blacktail Shiners 
Cyprinella venusta and Red Shiners Cyprinella lutrensis (Haas et al. 2010; Franssen 2011).  
As fish mature, gradual changes occur within the gonads, which can be quantified to 
provide insight to their relative spawning condition at a given point in time. Gonadosomatic 
index (GSI) is an evaluation of gonadal maturation, comparing the relative investment of a fish 
toward spawning (Parameswaran et al. 1974; Bulow et al. 1978). Gonads of historical collections 
of Cutthroat Trout subspecies (Oncorhynchus clarkii), Rainbow Trout (Oncorhynchus mykiss), 
and Brook Trout (Salvelinus fontinalis) were examined for distributional comparison to assess 
potential influence of large-scale, semi-volatile organic contaminant release on gonadal 
abnormalities and intersex individuals observed in remote, high-elevation lakes, in comparison to 
current trends (Schwindt et al. 2009). Gonad histology is an examination of oocytes developing 
in a female ovary or male teste, providing reproductive information such as whether a species 
has synchronous, group synchronous, or asynchronous ovarian development (Blazer 2002). 
Museum specimens fixed in formalin and preserved in alcohol for 65 years have the same utility 
in gonad histology as fish preserved within the past few days, maintaining original gamete 
development (Grier and Parenti 1994). The spawning strategy of the Shortnose Green Eye 
Chlorophthalmus agassizi was verified through a histological analysis of gonads from specimens 
preserved in a museum collection (Parenti et al. 2015). Supplementing GSI with gonad histology 
data provides more accurate assessment of a fish’s approximate spawning period, observing 
common peaks in GSI and percent of oocytes in later stages of development (Brewer et al. 2008; 
Piñón et al. 2009; Flores et al. 2012). 
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Bluenose Shiners Pteronotropis welaka are a stream fish native to the coastal plains of 
the southeastern United States (Page and Burr 1991; Gilbert 1992; Ross and Brenneman 2001; 
Boschung and Mayden 2004b). The global ranking status for Bluenose Shiners is G3G4, 
suggesting the species is within the range of vulnerable (G3) and apparently secure (G4). 
However, they are listed in each of the five states comprising their native range as species of 
conservation concern: Alabama - S2 (imperiled); Florida – ST (state threatened); Georgia - S1 
(critically imperiled); Louisiana - S2 (imperiled); and Mississippi - S3 (vulnerable) (ALDCNR 
2015; GADNR 2015; LDWF 2015; MDWFP 2015; FFWCC 2017). Males display sexual 
dimorphism, most notably in the form of bright blue snouts and elongate, rounded and often 
black pigment on pelvic, dorsal, and anal fins as they mature (Boschung and Mayden 2004b). 
Johnston and Knight (1999) assessed morphology and GSI of a population of Bluenose Shiners 
from a tributary to the Pearl River in Marion County, MS determining that Bluenose Shiners 
likely prepare for spawning in April and spawn May through July. An analysis of ovarian 
structure in the Bluenose Shiner’s close relative, the Bluehead Shiner Pteronotropis hubbsi, 
indicates that they exhibit group synchronous oocyte development (Fletcher and Burr 1992). 
Given the Bluenose Shiners’ current status, lethal harvest of wild stocks to assess the 
spawning condition year-round was not a viable option. Therefore, conservation of Bluenose 
Shiners could benefit from examinations of historical collections to further the current 
understanding of their life history. The overall goal of this study was to supplement laboratory 
spawning attempts with knowledge of naturally occurring spawning condition from historically 
preserved specimens. Specific objectives were to: (1) quantify sexual dimorphism between male 
and female Bluenose Shiners through a comprehensive morphological analysis, (2) approximate 
peak spawning condition of males and females through GSI measurements over the anticipated 
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spawning season, and (3) utilize female gonad histology to refine conclusions regarding 
spawning condition from GSI and determine reproductive strategy through ovarian development 
structure. 
3.2. Materials and methods 
3.2.1. Historical collections 
 Preserved Bluenose Shiner specimens utilized for the historical components of this study 
were loaned from the Tulane University Biodiversity Research Institute (TUBRI, Belle Chase, 
LA, USA). The ten lots obtained originated from sample locations within a 97 km latitudinal by 
55 km longitudinal area around the Pearl River boarder between Louisiana and Mississippi. This 
sample area was selected to limit temperature variations which could complicate reproductive 
related comparisons between populations. Louisiana lots (2 from each site) contained preserved 
specimens originating from Talisheek Creek (TC1: April 21, 1957; TC2: May 9, 1970), Lees 
Creek (LC1: June 1, 1968; LC2: June 12, 1968), and Ards Creek (AC1: June 2, 1950; AC2: May 
3, 2012). Mississippi lots originated from Black Creek (3 lots - BC1: April 17, 1986; BC2: May 
14, 1986; BC3: June 26, 1986) and Ball Mill Creek (1 lot - BM: May 1, 1963). Following field 
collection, all specimens were immediately preserved in formalin before being transferred to 
ethanol for long-term preservation in the Royal D. Suttkus Fish Collection. 
3.2.2. Morphometric analyses 
 All ten lots were utilized for a morphometric analysis of Bluenose Shiners. Eight metric-
based measurements (mm) were recorded using a digital micrometer for a subset of each lot (n = 
16-50 fish/lot) (Table 3.1). Each fish was also weighed (g) using a digital scale and observed for 
sexually dimorphic traits (rounded and/or pigmented fins) to record sex. For smaller males, sex 
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determination was more complex, but they often began displaying rounded fins and fin 
pigmentation by the time of collection/preservation. 
Table 3.1. Morphometric characteristics of Bluenose Shiners measured to make comparisons 
between males and females from historical collections from sites in Louisiana and Mississippi. 
Characteristic Abbreviation Description 
Total length TL From tip of snout to the posterior end of the caudal fin 
Standard length SL From tip of snout to the posterior end of the caudal 
peduncle 
Head length HL From tip of snout to the posterior end of the 
operculum 
Maximum body depth MBD Body depth from the dorsal surface to ventral surface 
where the body is deepest 
Body depth at the anus BDA Body depth from the dorsal surface to ventral anus 
Dorsal fin base DFB Length of dorsal fin attachment to dorsal surface 
Dorsal fin length DFL Length from anterior attachment of the dorsal fin to 
the posterior tip of the longest dorsal fin ray 
Anal fin length AFL Length from anterior attachment of the anal fin to the 
posterior tip of the longest anal fin ray 
 
3.2.3. Gonadosomatic index and gonad histology 
 Gonadal analyses required destructive sampling techniques. Therefore, seven of the ten 
lots (n = 5 males and females/lot; 3 females and 4 males from BC3) were utilized for these 
aspects of the study. All four lots from Mississippi, both Lee’s Creek samples, and the April 21, 
1957 Talisheeck Creek sample were chosen based on the number and size of fish. 
Gonadosomatic index (GSI) was measured for individual Bluenose Shiners. Individual 
sex, length, and total body weight were recorded. Gonads were then extracted, weighed, and 
recorded in correspondence with their total body weights. GSI calculations were made using the 
formula: 
GSI =  
gonad weight (g)
total body weight (g)
 × 100 
to produce a proportion of investment by each fish toward gonadal development. 
28 
 
After being weighed, gonads were transferred to labeled histology cassettes so each fish’s 
GSI and gonad histology could be connected. Labeled histology cassettes were placed in a jar 
containing 90% ethanol. Hematoxylin and eosin (H&E) staining was utilized to provide a 
contrast in the developmental stages of female oocytes and male spermatozoa. A Nikon SMZ-U 
(Nikon, Inc., Melville, NY, USA) dissecting microscope and AmScope 3.7 software (AmScope, 
Irvine, CA, USA) were used to capture images of full female gonad cross-sections. Gonad 
histology used a staging system derived from that outlined by Brown-Peterson et al. (2011) 
(Table 3.2). 
Table 3.2. Oocyte stages, from Bluenose Shiner gonad histology slides as adapted from Brown-
Peterson et al. (2011). No Stage V (atretic) oocytes were observed in the samples used for the 
current study. 
Stage Description Image as Observed in Bluenose Shiners 
Stage I Primary growth oocytes 
 
Stage II 
Cortical alveolar and primary 
vitellogenic oocytes 
 
Stage III Secondary vitellogenic oocytes 
 





Stage V oocytes were those oocytes undergoing atresia, this stage was excluded from later 
analysis, resulting from the absence of atresia in the examined ovaries. Images were marked with 
a color designated for each oocyte stage, recording the total number of oocytes in each 
developmental stage for each ovary. Images were randomized to prevent bias, and oocytes were 
counted independently by both authors for quality assurance. 
Due to the Bluenose Shiners’ status across its native range, it was not feasible to lethally 
sample specimens across time from a defined site. This method would have controlled for 
variation in climate and conditions that may be present in the samples used for this study. For the 
purposes of this study, samples were treated as though they were from the same year and 
location, to determine an approximate peak in Bluenose Shiner spawning condition between 
April and June, acknowledging the results are potentially skewed. In addition, GSI comparisons 
were supplemented with degree-day calculations. Air temperature data was retrieved from 
NOAA’s National Centers for Environmental Information (2019) for Bogalusa, LA, based on its 
proximity to the Pearl River. The max + min method (Wilson and Barnett 1983) of calculating 
degree days was used: 




where n was 100 days prior to the sample collection date and the lower threshold was 12°C 
based on Mills and Mann (1985), which concluded that growth of age-0 cyprinids was most 
closely correlated with cumulative degree days greater than 12°C. 
3.2.4. Statistical analyses 
 Statistical Analysis Software version 9.4 (SAS Institute Inc., Cary, NC, USA) was used 
for all statistical analyses. Sexual dimorphism was analyzed for each morphometric measurement 
using multivariate analysis of variance (MANOVA; PROC GLM; all assumptions were 
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evaluated). Wilks’ Lambda was used to determine if there was an overall effect of sex on 
Bluenose Shiner morphology. MANOVA does not assume independence between the variables 
and controls for Type I error rate. Subsequently, within the MANOVA, each variable was 
assessed for males and females to determine their relationship with respect to total length - linear 
or polynomial. Comparisons between historical collections for GSI, total oocytes, number of 
oocytes in each stage of development, and proportion of oocytes in each stage of development 
were made using individual general linear model analysis of variance (PROC GLM) with the 
Ryan-Einot-Gabriel-Welsch (REGWQ) post-hoc test. Multisource regression (PROC MIXED) 
was utilized to determine the influence of length and weight variability on GSI between 
collections. Models were selected based on Akaike Information Criterion; collection, 
length/weight, and the interaction of collection and length/weight were fixed effects. All 
statistical tests utilized a significant alpha (α) level of 0.05. 
3.3. Results 
3.3.1. Morphometric analysis 
 All morphometric measures assessed in the current study are reported in Table A.1, and 
were statistically significantly different between males and females (F9,418 = 54.84, P < 0.01; 
Table 3.3). 
Table 3.3. MANOVA results comparing nine morphometric characteristics between male (n = 
187) and female (n = 241) Bluenose Shiners, to assess sexual dimorphism. All comparisons were 
significant at an alpha level of 0.05. Overall, there was a statistically significant effect of sex on 
morphological expression (F9,418 = 54.84, P < 0.01). 
Characteristic Sex Mean SEM F1,426 P-value 
TL F 45.4 0.35 43.88 < 0.01 
 M 49.8 0.60   
SL F 37.0 0.29 44.32 < 0.01 
 M 40.7 0.50   
HL F 8.8 0.06 61.69 < 0.01 




Characteristic Sex Mean SEM F1,426 P-value 
MBD F 7.7 0.09 6.41 0.01 
 M 8.1 0.12   
BDA F 6.2 0.07 26.18 < 0.01 
 M 6.8 0.11   
DFB F 5.0 0.04 114.51 < 0.01 
 M 6.0 0.09   
DFL F 8.6 0.08 171.33 < 0.01 
 M 13.2 0.39   
AFL F 7.1 0.06 199.72 < 0.01 
 M 10.8 0.29   
WT F 0.7 0.02 31.16 < 0.01 
 M 0.9 0.04   
 
Males were statistically significantly greater in all parameters (P-values divided by 2 for one-
sided tests). Scatterplots of total length versus dorsal and anal fin length display these 
statistically significant differences between males and females (Figure 3.1).  
 
Figure 3.1. Scatterplots displaying sexual dimorphism in dorsal fin length (A) and anal fin length 
(B) between male and female Bluenose Shiners in relation to total body length. Trendlines are 
those of best fit: linear relationship for both female metrics, quadratic for male dorsal fin length, 





Given total length as an independent fixed variable, fitting models of each other morphometric 
variable in males produced linear relationships (SL, HL, MBD, and DFB), quadratic polynomials 
(BDA and DFL), or quartic polynomials (AFL and WT). In females, these relationships were 
linear (SL, BDA, DFB, DFL, and AFL) or quadratic polynomials (HL, MBD, and WT) (Table 
A.2). 
3.3.2. Gonadosomatic index and gonad histology 
 Gonadosomatic index was statistically significantly different between collection dates for 
males and females (Males: F6,27 = 24.24, P < 0.01; Females: F6,26 = 36.84, P < 0.01; Figure 3.2). 
Figure 3.3 displays GSI relative to the cumulative degree days prior to sample collection, 





Figure 3.2. Gonadosomatic index represented by median (line within box), 25 and 75% 
confidence interval (CI; box boundaries), and 90% CI (error bars) for GSI in female (A) and 
male (B) Bluenose Shiners. Striped boxes are three samples collected from Black Creek, MS in 
1986, and dotted boxes are two samples from Lees Creek, LA in 1968. Letters denote 
statistically significant differences in GSI between collection dates. *Collection dates are not all 






Figure 3.3. Mean ± SEM female (A) and male (B) gonadosomatic index from historical 
collections of Bluenose Shiners plotted by the cumulative degree days (max + min method) for 




The total number of oocytes counted in each ovary cross-section was not statistically 
significantly different between collection dates (F6,25 = 1.23, P = 0.32). There were statistically 
significant differences in the number of oocytes in each stage of development (Stage I: F6,25 = 
5.15, P < 0.01; Stage II: F6,25 = 4.74, P < 0.01; Stage III: F6,25 = 5.26, P < 0.01; Stage IV: F6,25 = 
4.09, P < 0.01). The proportion of oocytes in each stage of development was also statistically 
significantly different (Stage I: F6,25 = 7.06, P < 0.01; Stage II: F6,25 = 6.34, P < 0.01; Stage III: 
F6,25 = 7.01, P < 0.01; Stage IV: F6,25 = 10.70, P < 0.01) (Figure 3.4; Figure 3.5). 
 
Figure 3.4. Mean ± SEM proportion of oocytes in Stage I, II, III, and IV of development within 
cross sections of female Bluenose Shiner ovaries from seven historical collections from 
Louisiana and Mississippi. Striped bars are three samples collected from Black Creek, MS in 
1986, and dotted bars are two samples from Lees Creek, LA in 1968. Letters denote statistically 
significant differences in the proportion of oocytes between collection dates. *Collection dates 




Figure 3.5. Mean ± SEM proportion of Stage I (triangles) and Stage IV (circles) oocytes from 
historical Bluenose Shiner collections (from left to right: 4/17/1986, 5/1/1963, 5/14/1986, 
4/21/1957, 6/1/1968, 6/12/1968, and 6/26/1986) in relation to the cumulative degree days (max + 
min method) for 100 days prior to the sample date, with 12°C as the lower threshold. Second 
order polynomials provided the best fit to the data. 
Mean weight and length were also statistically significantly different between collection 
dates for males and females (Males: Weight - F6,27 = 12.34, P < 0.01 & Length - F6,27 = 18.53, P 
< 0.01; Females: Weight - F6,26 = 12.78, P < 0.01 & Length - F6,26 = 12.16, P < 0.01). Length by 
collection interaction did not have a statistically significant influence on the model for female 
GSI (F6,19 = 1.27, P = 0.32) and was nearly significant for male GSI (F6,20 = 2.53, P = 0.05). The 
same was true for weight by collection interaction, no statistically significant influence on the 
model for female GSI (F6,19 = 1.01, P = 0.45) and was nearly significant for male GSI (F6,20 = 
2.57, P = 0.05). A scatterplot of female length versus GSI (R2 = 0.33, F1,31 = 17.96, P < 0.01) 
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revealed two distinct linear trends, one favoring greater investment (mature) toward gonadal 
development and the other appearing to be pre- or post-spawning (latent) (Figure 3.6). 
 
Figure 3.6. Scatterplot of female total length versus GSI. Two distinct linear trends are apparent, 
one corresponding to females with mature/maturing ovaries and one corresponding to females 
with supposed latent or post-spawning condition ovaries. 
3.4. Discussion 
 Male and female Bluenose Shiners differed in their expression of all morphometric 
variables measured in this study. Dorsal and anal fin length provide the best distinction in the 
absence of bright blue noses, particularly when paired with comparisons of fin rounding and 
pigmentation (males) versus pointed fins with no pigmentation (females). More notable 
segregation in dorsal and anal fin length began in Bluenose Shiners around 45 mm total length. 
Exponential models have been used to describe the relationship between standard length and 
dorsal fin length, anal fin length, and somatic weight in male Bluenose Shiners from a tributary 
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to the Pearl River in Marion County, MS (Johnston and Knight 1999). In the current study, 
utilizing total length rather than standard length, it was determined that dorsal fin length, anal fin 
length, and weight were best represented by quadratic (DFL) and quartic (AFL, WT) polynomial 
regressions. A morphological study of larval and juvenile Australian Smelt Retropinna semoni 
determined the model of standard length versus weight was best fit by a cubic polynomial 
(Tonkin et al. 2008). These differences may be explained by the relatively smaller number of 
data points for morphometrics at the upper extent of male total length, use of standard versus 
total length, and statistical methods utilized to fit the data. If anal fin length and weight are truly 
quartic polynomials with respect to total weight, it is possible that as males approach a terminal 
length, their energy investment to any form of growth is reduced to maintenance. In 
Mosquitofish Gambusia affinis, mature males exhibit low fat reserve levels in the summer and 
rapidly declined through the latter parts of summer (Reznick and Braun 1987). This suggests 
that, as a fish nears the completion of its life cycle, morphometric parameters will level off or 
decline as energy is invested towards necessary physiological functions and a final reproductive 
effort. 
The results of the current study generally agree with Johnston and Knight’s (1999) 
conclusion that male Bluenose Shiners are not grouped into two morphologically distinct classes 
as previously proposed for Bluehead Shiners (Fletcher and Burr 1992; Taylor and Norris 1992). 
Fletcher (1999) also described three separate morphological classifications for male Bluenose 
Shiners based on reproductive allocation. Although reproductive capacity was not a parameter 
included for the current morphological assessment, the presence of males exhibiting sexually 
dimorphic traits at varying levels across a large range of total lengths (35.9-72.0 mm) does not 
support the distinction between three specific morphological classifications. Inclusion of males 
39 
 
from each of the ten historical collections may contribute to indistinct groupings of males into 
initial, transitional, and terminal groupings as defined by Fletcher (1999). Since the prior analysis 
was of 88 male specimens collected on two consecutive days, it is likely that the distinctions 
observed were between age classes at that point in time. Given multiple samples over an 
extended time period, the observed “gaps” in dimorphic traits would likely be filled in. 
Limited sampling, from four different streams in as many years complicated the ability to 
draw conclusions based on GSI data alone. Climatic data was retrieved from NOAA’s National 
Centers for Environmental Information (2019) for Bogalusa, LA, based on its proximity to the 
Pearl River. Mean, minimum, and maximum air temperatures were reviewed from January 
through June for each of the four years used in this analysis. In 1957, mean temperatures were 
warmer than the three other years examined in January and February by a minimum of 5.7 and 
4.0°C, respectively. Endocrine synthesis, secretion, and metabolism is directly influenced by 
temperature, and within an optimal temperature range is where gonadal steroids are produced 
(Van Der Kraak and Pankhurst 1997). Thus, temperatures in February more representative of 
April may have promoted increased investment and led to the second greatest female GSI 
observed in the current study (earlier than peak gonadal investment would be expected). Black 
Creek, MS was the only site from which there were samples collected over much of the supposed 
Bluenose Shiners’ spawning period. In 1986, temperatures did not exceed a mean of 14°C for a 
month until March, as opposed to 1957, when an average temperature of 14.9°C was observed in 
January. Monthly temperatures were very similar between 1968 and 1986, suggesting that a 
month and a half to two months of mean temperatures above 15°C is conducive to gonad 
development in Bluenose Shiners. Plotting GSI values and proportions of oocytes against degree 
days provided a more visual assessment of air temperature trends (Figure 3.3; Figure 3.5). 
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Although length by collection interaction did not statistically significantly influence the 
model for female GSI, this interaction was worthy of investigation. The scatterplot (Figure 3.6) 
for total length versus GSI in females displayed two apparently separate linear relationships. 
Further analysis confirmed visual observations and indicated two distinct trendlines (the upper 
suggesting mature ovaries and the lower, latent). The upper trendline included all fish from the 
April 21, May 14, and June 1 collections, one of five from May 1, and two of three from June 26. 
The lower trendline (latent) included all fish from April 17 and June 12, four of five from May 1, 
and one of three from June 26. There appears to be no support of this observation in the current 
literature, but this was a unique analysis of GSI from historical collections over a large time-
frame. 
The presence of various stages of oocyte development within the ovaries suggests 
Bluenose Shiners have asynchronous or group synchronous ovarian development (Blazer 2002). 
This form of oocyte development is also indicative of batch spawners, meaning Bluenose Shiners 
likely spawn multiple cohorts over their reproductive period (Brown-Peterson et al. 2011). 
Durham and Wilde (2008) determined that Smalleye Shiners Notropis buccula in the Brazos 
River, TX ovulate asynchronously and spawn in batches throughout their reproductive season. 
However, the proportion of oocytes in each stage of development across collections in the 
current study appears to be suggestive of a general peak in spawning condition over the Bluenose 
Shiners’ spawning season. The mean proportion of stage IV oocytes present in the ovary 
increased steadily to its peak in the June 1 sample, before declining in the final two samples. 
Stage I oocyte proportions suggest a peak in spawning condition mid-May to early-June as well, 
with the proportion of stage I oocytes declining through the summer to a minimum on June 1, 
then increasing in the final two samples. Studies of Burrhead Shiners (Notropis asperifrons), 
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Silverstripe Shiners (Notropis stilbius), and Red Shiners (Cyprinella lutrensis) have also 
observed increased proportions of late stage oocytes as the spawning season progresses, with a 
corresponding decline in early stage oocytes (Stallsmith et al. 2007; Brewer et al. 2008). Since 
stage I and IV oocytes were prevalent in such high numbers as opposed to stage II and III 
oocytes, trends in the progression of oocytes to tertiary vitellogenic were not clear. 
In the future, more advanced morphometric analyses may be called upon to contribute to 
Bluenose Shiner conservation. Use of traditional morphometrics, as in this study, does not allow 
for the use of modern technologies to reconstruct the original shape of a fish (Caillon et al. 
2018). Nonetheless, morphometrics in the current study could be utilized to make general 
comparisons within species. Of potentially greater importance are community-wide, between 
species, changes in response to environmental disturbances for assessing species roles within the 
broader ecosystem (Keddy 1992; McGill et al. 2006; Mouillot et al. 2013). GSI data were not 
fully indicative of a peak in spawning at one point in time over the seven collections observed in 
this study, but the consistencies in oocyte development provided a more conclusive suggestion 
that Bluenose Shiners exhibit peak spawning condition mid-May through early-June. This 
information could be used to determine environmental conditions experienced in their natural 
environment leading up to, and through, this vital time-frame for establishing conservation goals 








CHAPTER 4. ENVIRONMENTAL SIMULATION AND HORMONE 
INJECTIONS EMPLOYED IN BLUENOSE SHINER SPAWNING TRIALS 
4.1. Introduction 
 Thirty-one percent of 7,300 freshwater fish described by the IUCN Red List, in 2013, 
were classified as threatened with extinction (Darwall and Freyhof 2016). As of December 2010, 
there were 17 North American cyprinid species classified as extinct (Burkhead 2012). In 2008, 
46% of 304 described North American cyprinid species were classified as imperiled, with the 
highest rates of imperilment observed in the southeastern United States (Jelks et al. 2008). 
Indigenous cyprinids can be bioindicators of high-quality stream habitats, relatively unaltered 
and supporting a diversity of fauna (Scott and Hall 1997). Predatory fishes often rely on 
cyprinids to support some portion of their diet as juvenile, sub-adult, and/or adult life-stages 
(Scalet 1977; Dauwalter and Fisher 2008; Sammons 2012). As a diet ration, cyprinids offer 
approximately one and a half to two times the energetic return of that from crayfish (Probst et al. 
1984; Pope et al. 2001). In extreme cases, long-term recovery of fish, such as the Pallid Sturgeon 
Scaphirhynchus albus, may be dependent on availability of native cyprinids as prey for juvenile 
sturgeon (Gerrity et al. 2006). Without changes in human behavior and land utilization, fish 
assemblages will continue to decline in favor of generalist species (typically invasive) that are 
more tolerant of degraded environments (Karr et al. 1985; Fausch et al. 1990; Scott and Hall 
1997). 
Conservation of declining species is complicated by inadequate life history descriptions 
and the lack of culture methods for the reproduction of freshwater species in North America 
(Johnston 1999; Lorenzen et al. 2012). In areas such as the southwestern United States, where 
many native stream fishes are threatened by habitat alteration, culture methods may be necessary 
for conservation and potential restocking of previously inhabited areas (Schultz and Bonar 
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2016). Identification of culture methods prior to species being federally listed increases the 
chances of successful conservation and/or recovery (Rakes et al. 1999). Based on patterns of 
extirpation in freshwater fishes of Virginia, Angermeier (1995) proposed that proactive 
conservation approaches should be utilized especially for fishes that are limited in range or 
habitat use. 
Bluenose Shiners Pteronotropis welaka are native to the southeastern United States from 
the Pearl River drainage in Louisiana and Mississippi, east to southwestern Georgia and the 
panhandle of Florida, with a separate population in tributaries of the St. John’s River, FL (Page 
and Burr 1991; Gilbert 1992; Ross and Brenneman 2001; Boschung and Mayden 2004b). The 
global ranking status for Bluenose Shiners is G3G4, suggesting the species is within the range of 
vulnerable (G3) and apparently secure (G4). However, they are listed in each of the five states 
comprising their native range as species of conservation concern: Alabama - S2 (imperiled); 
Florida – ST (state threatened); Georgia - S1 (critically imperiled); Louisiana - S2 (imperiled); 
and Mississippi - S3 (vulnerable) (ALDCNR 2015; GADNR 2015; LDWF 2015; MDWFP 2015; 
FFWCC 2017). These minnows have been described to inhabit small streams with deep pools, 
shallow vegetated areas, and low to moderate flow (Page and Burr 1991; Johnston and Knight 
1999). Previous analysis of Bluenose Shiners’ gonadosomatic index data and ovarian stage 
classification for individuals collected from May 1993 to June 1994 from a tributary to the Pearl 
River in Marion County, MS determined they likely prepare for spawning in April and spawn 
May through July (Johnston and Knight 1999). Bluenose Shiners have been observed entering 
nests created by Longear Sunfish Lepomis megalotis for their own spawning (Johnston and 
Knight 1999; Albanese 2000). Upon these entrances, there was indiscriminate feeding off nest 
substrate and males were observed circling each other, snout to caudal fin (Albanese 2000). 
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Although direct observations of spawning were not made, eggs collected from nests and hatched 
in the laboratory produced Longear Sunfish larvae, and a few days later, Bluenose Shiner larvae 
(Johnston and Knight 1999). A monophyletic relative (Simons et al. 2000), the Bluehead Shiner 
Pteronotropis hubbsi, is a nest associate with Warmouth Lepomis gulosus, and reproductively 
viable from May through July (Fletcher and Burr 1992). 
Fishes can be induced to spawn in captivity through a variety of strategies that promote 
the development of mature gonads and eventual release and fertilization of ova. Environmental 
variables that fluctuate seasonally (e.g. temperature and photoperiod) are often associated with 
gonadal maturation in fishes (Parker 1984; Munro et al. 1990). In temperate zone cyprinids, such 
as the Bluenose Shiner, temperature and photoperiod appear to be the main exogenous factors 
contributing to gonadal development (Schwassman 1980; Lam 1983). Endangered stream fishes 
of the southwestern United States have garnered research into their culture. For example, three 
native cyprinid species (Mohave Tui Chub Gila bicolor mohavensis, Yaqui Chub Gila pupurea, 
and Gila Chub Gila intermedia) are now successfully propagated in the lab through temperature 
and/or photoperiod manipulations (Archdeacon and Bonar 2009; Kline and Bonar 2009; Schultz 
and Bonar 2016). A threatened southeastern cyprinid, the Blackside Dace Phoxinus 
cumberlandensis was successfully spawned in the laboratory with cues from its known nest 
associate (Rakes et al. 1999). To induce spawning, milt from Northern Stonerollers Campostoma 
anomalum was stripped into the aquarium containing male and female Blackside Dace, and 
water from the associates’ aquarium was cycled into the daces’ aquarium (Rakes et al. 1999).  In 
the absence of known environmental conditions necessary to induce spawning, exogenous 
hormones may be necessary for final oocyte maturation and release of gametes (Rottmann et al. 
1991a). A review of the use of Ovaprim (synthetic product containing salmon gonadotropin 
45 
 
releasing hormone and dopamine antagonist) for inducing spawning in ornamental fishes 
revealed that, of cyprinid fishes injected, female ovulation rate was 92.8% and male spermiation 
rate was 97.5% (Hill et al. 2009). 
To support the conservation of Bluenose Shiners, this research was designed to induce 
spawning of Bluenose Shiners in a laboratory setting. The goal of these trials was to develop 
potentially successful spawning methodologies and communicate these to fisheries managers for 
the implementation of effective restoration and/or recovery plans. Specific laboratory objectives 
were: (1) induce final oocyte maturation and spawning via hormone injections; (2) utilize natural 
environmental stimuli (water temperature, photoperiod, and spate simulations) to induce 
volitional spawning; and (3) determine the role of varying nest associate cues for inducing 
spawning in Bluenose Shiners. Additionally, an exploratory study in outdoor pools was designed 
to assess the ability of a natural mesocosm containing their nest associate, spawning substrate, 
and vegetation to promote spawning outside of the controlled laboratory environment. 
4.2. Materials and methods 
4.2.1. Fish collection 
 Bluenose Shiners were collected from three sites along Ards Creek, Washington Parish, 
LA on September 22 and November 22, 2016, May 5 and September 14, 2017, and February 8 
and April 12, 2018. Fish were captured with a 3.7 × 1.0 m seine, targeting stream margins 
adjacent to submerged aquatic vegetation. Coolers outfitted with aerators were utilized for 
transportation of Bluenose Shiners and stream water to the Louisiana State University 
Agricultural Center’s Aquaculture Research Station, Baton Rouge, LA. Fish were acclimated to 
the indoor recirculating system through 500 mL additions of system water every 15-20 minutes 
to the coolers over the course of approximately 2 h, until pH and temperature were 
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approximately equivalent. Then, Bluenose Shiners were evenly divided into 100 L tanks. Small 
numbers of Bluenose Shiners in the wild restricted replication throughout the study, therefore 
triplicate tanks were stocked for all spawning trials, unless otherwise specified. An overview of 
each experimental setup utilized in this study can be found in Table 4.1. 
Table 4.1. Various methods and experimental setups employed to induce volitional spawning of 
Bluenose Shiners. 








Substrates Sunfish Cues 







No Yes Yes No Sand and pom-
poms 
Constructed nest 



















 Based on an initial assessment of collected Bluenose Shiner stomach contents, a diet of 
ground algae max 1 mm sinking pellets (32% protein, 5% lipid; New Life International, Inc., 
Homestead, FL, USA) was administered. Otohime B2 (51% protein, 11% lipid; Marubeni 
Nisshin Feed Co., Tokyo, Japan) was utilized as a supplemental feed throughout much of the 
acclimation period and, later, became the primary diet, in preparation for spawning efforts. 
Frozen bloodworms (3.5% protein, 0.3% lipid; San Francisco Bay Brand, Newark, CA, USA) 
were fed twice a week (1 or 2 per fish each feeding) as an additional protein source in all trials 
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following the first hormone injection trial. Visual observations confirmed consumption of all 
diets by Bluenose Shiners. 
4.2.3. Hormone injections 
 In preparation for indoor hormone injections, stream water, vegetation, and substrate 
from Ards Creek were brought back to the lab. Stream water was pumped into the system, a 
combination of sand and gravel (Wentworth 1922) layered the base of tanks, and vegetation 
(American Bur-reed Sparganium americanum) planted to provide approximately 50% coverage 
within the tanks. Two spawning substrates were created for each tank, consisting of a petri dish 
with 5 mm or 10 mm diameter pebbles. These were added to a system of recirculating 100 L 
tanks. Ultrapure water (Barnstead Nanopure water purification system) was utilized for 
subsequent water additions, a 114 liter per minute magnetic drive pump (Danner Manufacturing, 
Inc., Islandia, NY, USA) maintained water circulation, and a bubble bead filter (Aquaculture 
Systems Technologies, LLC., New Orleans, LA, USA) removed solids and purified water in 
concert with a small UV filter. Within each tank PVC manifolds established lateral flow at 
approximately half the tank’s depth and air stones submerged in PVC acted as uplift bubblers. 
Automated timers were utilized to maintain a photoperiod of 14 h light to 10 h dark with LED T8 
bulbs (18 watt, 5000k, Thinklux Lighting, Altos, CA, USA). A drop-in chiller maintained and 
adjusted water temperature for conditioning and spawning, as needed. 
Two males and four females were stocked in triplicate and provided a week to acclimate. 
On September 29, 2017 all females were injected with exogenous hormones, each of the three 
tanks received a different treatment. The hormones used in this study were Ovaprim, chicken 
gonadotropin-releasing hormone (cGnRH-II), and mammalian gonadotropin-releasing hormone 
(mGnRH). Females were injected with hormones intraperitoneally (as a solution in phosphate 
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buffered saline), at concentrations of 75 μg/kg, 100 μg/kg and 100 μg/kg, respectively. Female 
weights (mean ± SEM) for each treatment group were 1.0 ± 0.26, 0.9 ± 0.15, and 0.64 ± 0.07 g, 
respectively. Approximately one hour following injections, sunfish decoys (7.62 cm) were 
suspended in each tank to provide a visual cue of nest association. The following three days 
sunfish decoys were removed, and substrates were siphoned to check for deposited eggs. After 
siphoning on the third day, one female from each treatment and one non-injected female were 
palpated to examine ova quality as compared to those described by Harrell et al. (1990). Daily 
observations for fry in tanks were made when feeding. 
4.2.4. Environmental simulation 
 Three large, 1.6 m diameter cylindrical tanks (2000 L) were filled with approximately 
800 L of water (depth = 0.4 m) to simulate the Bluenose Shiners’ natural habitat indoors. All 
three tanks were connected in one recirculating system with a cyclone standard series chiller 
(Aqua Logic Incorporated, San Diego, CA, USA), digital temperature controller, Hayward C-800 
water filter (Hayward Industries, Inc., Elizabeth, NJ, USA), a 40 watt ultraviolet sterilizer 
(Emperor Aquatics, Pottstown, PA, USA), and magnet drive water pump (Iwaki America Inc., 
Holliston, MA, USA). Within each tank was a 1 cm base layer of coarse sand (two 0.014 m3 
bags), four dark green pom-poms (30 cm long) to simulate in-stream vegetation, a 25 cm 
diameter simulated sunfish nest constructed of 2-5 cm pavestone pond pebbles, a 14×14 cm 
artificial vegetation spawning bed, and XStream water pump for in-tank circulation (SICCE 
USA, Inc., Knoxville, TN, USA). Temperature data loggers (HOBO Pendant UA-002-64, 
temperature accuracy: ±0.53°C, Onset Computer Corp., Bourne, MA, USA) were utilized to 
monitor temperature throughout the study. During setup and a period to ensure stability of the 
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system, Bluenose Shiners were maintained in the previously described recirculating system of 
100 L tanks. 
Photoperiod and water temperature manipulations (Table A.3; Table A.4) were initiated 
on March 5, 2018, within the system of 100 L tanks maintaining Bluenose Shiners and the large, 
cylindrical tanks. Initial photoperiod and temperature were 10 h light:14 h dark and 12°C. They 
were raised 0.09 h/day and 0.27°C/day to 14 h light:10 h dark and 23°C on April 16 and 13, 
respectively. Temperature was subsequently increased from 23 to 25°C over the course of the 
next 24 days. On March 22, two of the three cylindrical tanks were stocked with two male and 
five female Bluenose Shiners each. Additional stocking of three females to each tank took place 
on April 4, and the third tank was stocked with two males and eight females on April 18 with 
new Bluenose Shiners collected on April 12. Mean ± SEM weights for males were 1.0 ± 0.55, 
1.0 ± 0.11, and 1.3 ± 0.14 g; female weights were 0.9 ± 0.06, 0.8 ± 0.04, and 0.6 ± 0.05 for tanks 
1, 2, and 3, respectively. Egg collections took place every 3-4 days from April 9 to May 28 by 
siphoning gravel sunfish nests through a fine mesh net, and artificial vegetation nests were 
washed in water that was subsequently drained through a fine mesh net. 
Five spate simulations (three warm and two cold water additions) were conducted from 
May 18 to June 20, 2018 in three separate 100 L rectangular aquaria that were previously part of 
the system used for the hormone injection study (757 L total system water volume). Simulated 
spates were intended to cause changes in water temperature and conductivity that may be 
recognized in natural stream environments following large rainfall events. For this portion of the 
study, no substrate covered the base of the tank and no manifold was utilized to simulate flow. 
Three potential spawning substrates were present within each tank: a petri dish with artificial 
vegetation, a 6×6 cm Spawntex spawning mat, and half 3-inch PVC pipe to provide an effective 
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‘cave’. Two male and four female Bluenose Shiners (sizes not recorded) were stocked into these 
three 100 L recirculating tanks in preparation for water temperature and spate simulations. Like 
the other trials in this study, egg collections took place every 3-4 days for the duration of the 
study via siphoning and rinsing of provided spawning substrates. Water temperature and 
conductivity of the 100 L deionized water additions and 757 L system were recorded for each 
simulation (Table 4.2). The attempt on June 4 was further supplemented by the addition of 
mashed sunfish testes in a phosphate buffered saline (50mL) with a plastic pipette over the 
spawning substrates in each of the three tanks. The sunfish were all males: one Green Sunfish 
Lepomis cyanellus (total weight: 71.20g; gonad weight: 2.86g) and two putative Bluegills 
Lepomis macrochirus (total weight: 54.09 and 62.15g; gonad weight: 0.11g and 0.39g, 
respectively). 
Table 4.2. Water temperature and conductivity of 38 L deionized water additions and 757 L 
recirculation system, used for simulating spates to induce spawning of Bluenose Shiners. 
Date Water Addition Recirculating System 
Temperature (°C) Conductivity (μS) Temperature (°C) Conductivity (μS) 
May 18 25.4 5.0 20.6 365.0 
May 29 26.0 5.3 21.7 360.0 
June 4 24.9 4.8 21.8 345.0 
June 11 16.1 6.9 25.5 357.5 
June 20 15.8 7.8 26.5 338.0 
 
4.2.5. Bluegills and hormone injections 
 A final attempt to induce spawning indoors utilized the remaining Bluenose Shiners 
within two of the three large, cylindrical (1.6 m diameter) tanks. On June 22, plastic light 
diffuser panels were affixed in a manner to enclose two bluegills in the quarter of the tanks 
containing the artificially constructed sunfish nests. These panels allowed Bluenose Shiners to 
access the area over the artificial nest, but restricted bluegill movement to that area, limiting 
potential predation. On July 25, following 5 weeks for Bluenose Shiners and Bluegills to 
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acclimate to the new setup, all female and male Bluenose Shiners were anaesthetized with a 
solution of MS-222 and injected with cGnRH-II at the same concentration (100 μg/kg) as in the 
previous hormone injections. Tank 1: one male (1.29 g) and two females (0.85 ± 0.40 g); tank 3: 
three males (0.99 ± 0.27 g) and three females (0.85 ± 0.09 g). The next morning, Bluegills were 
removed from the tanks and both artificial nests were checked for spawned eggs that afternoon, 
replacing the Bluegills after collection. This process was repeated in the same manner for three 
more days. On August 24, at the conclusion of these trials, Bluenose Shiners from this system 
were moved to the recirculating system of 100 L tanks. 
4.2.6. Outdoor spawning 
 This portion of the study was conducted in three outdoor, above-ground, fiberglass tanks 
at the LSU Agricultural Center’s Aquaculture Research Station, Baton Rouge, LA, in 2018. Each 
tank was 2.4 m in diameter and filled with approximately 0.05 m3 of river silt and 2.8 m
3 of 
water (water height = 0.62 m; tank height = 0.75 m). Tubing and air stones were outfitted to each 
tank to provide oxygen for the fish. Netting was secured over the tanks to prevent predation. 
Shade cloth covered 60% of the total tank surface area to reduce thermal stress that could result 
from full exposure to direct sunlight (Gothreaux and Green 2012). Pavestone pond pebbles were 
poured into a concentrated area of the tank on the margin of the shade cloth to simulate sunfish 
nests and allow for visual observations of the nest. Water temperature was recorded hourly with 
a temperature data logger beginning on July 9, 2018. Natural vegetation (Southern Waternymph 
Najas guadalupensis and Upright Burhead Echinodorus berteroi) was maintained through 
periodic mechanical removal when growth began to overtake the tanks, specifically when the 
simulated nests were crowded over by vegetation. These tanks were previously used for Golden 
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Topminnow Fundulus chrysotus spawning, so remnant larval fish could not all be removed prior 
to Bluenose Shiner stocking. 
On June 12, three male and nine female Bluenose Shiners were stocked in each of the 
three outdoor mesocosms (tanks 1, 2, and 3). Following three weeks of acclimation, three 
Longear Sunfish (at least one male) were stocked in each of the three mesocosms containing 
Bluenose Shiners. Following the conclusion of the indoor spate simulation trials, on July 9, an 
additional two males and four female Bluenose Shiners were added to each mesocosm (five 
males and thirteen females total per mesocosm). Twice a week, through October, frozen 
bloodworms were fed as a supplement to the natural diet within each mesocosm. During feeding, 
visual observations of Bluenose Shiner behaviors, Longear Sunfish, sunfish nests, and larval 
fishes were made. Mesocosms were seined three times each on January 14 (3) and January 17, 
2019 (1 and 2) to quantify if spawning had taken place throughout this exploratory outdoor 
study. Length was recorded for all Bluenose Shiners and adult Longear Sunfish collected. A 
subset of the larval Longear Sunfish and Golden Topminnows were also measured. 
4.2.7. Water quality 
Water quality was monitored to ensure proper culture conditions throughout the duration 
of the studies (Table 4.3). Temperature data loggers (HOBO Pendant UA-002-64, temperature 
accuracy: ±0.53°C, Onset Computer Corp., Bourne, MA, USA) were deployed upon stocking 
and recorded water temperature hourly throughout the study. For indoor systems, prior to initial 
stocking, and weekly thereafter, dissolved oxygen (DO), pH, ammonia nitrogen (TAN), and total 
alkalinity were recorded for each of the two indoor recirculating systems used for the current 
study. Dissolved oxygen was measured with a YSI model 55 DO meter (YSI Inc., Yellow 
Springs, OH, USA) and pH was determined with an Orion Star model A211 pH meter (Thermo 
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Fisher Scientific Inc., Waltham, MA, USA). TAN (salicylate method) was determined with a 
Hach model DR 900 multiparameter portable colorimeter (Hach Co., Loveland, CO, USA) and 
total alkalinity was calculated from standard titration techniques. Conductivity measured at Ard’s 
Creek and during indoor spate simulations was measured with a YSI model 30 temperature, 
conductivity, and salinity meter. 
Table 4.3. Weekly indoor recirculating aquaculture systems’ and Ards Creek (May 14, 2019) 
water quality parameters represented by mean (x̅) ± SEM and range (R). 
  DO (mg/L) pH TAN (mg/L) Alkalinity (ppm CaCO3) 
100-L Tanks x̅ 7.3 ± 0.18 7.9 ± 0.05 0.02 ± 0.005 75 ± 5.3 
R 6.3 – 10.3 7.5 – 8.5 0.00 – 0.10 26 – 130 
Large Cylindrical 
Tanks 
x̅ 7.5 ± 0.16 8.3 ± 0.05 0.03 ± 0.013 130 ± 4.5 
R 6.4 – 9.2 7.7 – 8.7 0.00 – 0.24 104 – 195 
Ards Creek x̅ 6.9 ± 0.74 6.2 ± 0.09 0.01 ± 0.005 3 ± 0.5 
R 6.1 – 7.6 6.1 – 6.3 0.00 – 0.01 2 – 3 
 
4.2.8. Ards Creek temperature data and substrate composition 
To make suggestions for future Bluenose Shiner spawning attempts, a temperature data 
logger was deployed in Ards Creek for a full year (February 8, 2018 to February 14, 2019), just 
off the stream bottom. Temperature, conductivity, and dissolved oxygen were recorded upon 
subsequent visits to download data and monitor the logger’s status. 
Ards Creek substrate was collected on May 8, 2019 from two riffle/run and two pool 
habitats in each of two 100 m reaches (n = 4/site; downstream of the Balltown Road crossing and 
through the Old Columbia Road crossing). Substrate was collected with an ice scoop, similar to a 
grain scoop (Kaller and Hartman 2004), and kept in 2-gallon Ziploc bags. In the lab, substrate 
was dried over a heat lamp for 2 weeks. Each sample was then shaken through a Wentworth 
sieve series (16 mm, 8 mm, 4 mm, 2 mm, 1 mm, 0.5 mm, 0.25 mm, 0.125 mm, and 0.063 mm), 





4.3.1. Hormone injections 
 In the three days following injections no volitionally spawned eggs were collected when 
siphoning substrate within the tanks. One female mortality was recorded for each of the 
mGnRH-I and cGnRH-II treatments. Upon palpation, the female that received the cGnRH-II 
treatment produced more well-developed eggs than the other treatments (Figure 4.1). The female 
not injected with hormones did not release any oocytes upon palpation. An attempted in-vitro 
fertilization of eggs from the cGnRH-II treatment was unsuccessful. Subsequent daily 
observations did not detect any released eggs and/or fry. 
 
Figure 4.1. Eggs stripped from females receiving hormone treatments following 72 hours of no 
observed volitional spawning. (A) The cGNRH-II injected female produced eggs with relatively 
clear chorions; these eggs had not yet fully coalesced but contained yolk, (B) the mGnRH-I 
injected female produced immature eggs (small and opaque), and (C) the Ovaprim injected 
female produced eggs that were overripe (undergoing atresia). *Magnification may be different 
across the treatments. 
4.3.2. Environmental simulation 
 Photoperiod and temperature manipulations in cylindrical tanks designed to simulate the 
Bluenose Shiners’ natural habitat was not successful in inducing volitional spawning. None of 
the 14 collections from the artificial sunfish or vegetation nests revealed spawned eggs over 7 
weeks at a minimum of 13.5 hours of light and mean ± SD water temperature of 23.0 ± 1.46°C 
(minimum: 19.7°C; maximum: 26.1°C). 
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Spate simulations and the introduction of mashed sunfish testes were also unsuccessful at 
inducing spawning in the Bluenose Shiners utilized for this study. The May 18 spate did not 
make a difference in the hourly water temperature recordings collected with the HOBOware data 
logger. On May 29, following water addition, the peak water temperature was approximately 
0.5°C greater than that observed at the same time the previous evening. The addition on June 4 
increased the system’s peak afternoon water temperature by approximately 1.1°C compared to 
the previous day. The first cool water addition on June 11 decreased the water temperature by 
approximately 0.1°C from the typical daily evening decrease observed the previous day. The 
final spate simulation on June 20 caused a 0.4°C decrease in system water temperature, whereas, 
the previous day between those hours an increase in water temperature of 0.1°C was observed. 
4.3.3. Bluegills and hormone injections 
 The combination of photoperiod, temperature, presence of Bluegills over an artificial 
sunfish nest, and hormone injections were unsuccessful at inducing spawning. None of the four 
attempted egg collections produced any volitionally spawned eggs. During these 5 days the 
photoperiod remained constant at 14 h light to 10 h dark and water temperature was maintained 
at 26.5 ± 0.11°C. 
4.3.4. Outdoor spawning 
 On multiple occasions, male Bluenose Shiners were observed displaying their fins, 
circling, and chasing each other away from the area encompassing the artificial sunfish nest. 
Bluenose Shiners were observed feeding off the surface of the rocks comprising the artificial 
sunfish nests. In mesocosms A2 and B5, there was often a male Longear Sunfish near, or directly 
over, the artificially constructed nests. On July 19, larval fish were observed in mesocosm B5. 
Eight of these larvae were caught and identified in the lab to be Longear Sunfish (Auer 1982). 
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Another batch of larval Longear Sunfish was observed in mesocosm B5 on August 20. On 
September 12, a juvenile Bluenose Shiner was observed in mesocosm A2. The observed size of 
the fish suggested that it was not stocked as a broodfish, later seining would confirm whether 
Bluenose Shiners in this mesocosm had spawned or not. Following this discovery, on September 
14, a trip was made to Ards Creek to collect juvenile Bluenose Shiners to verify spawning 
timelines; juvenile Bluenose Shiners appearing to stem from three separate spawning events 
throughout the anticipated spawning season were collected. Temperature was not recorded for 
the first month Bluenose Shiners were stocked in the outdoor mesocosms, but the water 
temperature averaged 29.6 ± 1.56°C the week prior to stocking (June 1-7, 2019). Monthly mean 
± standard deviation, minimum, and maximum water temperatures are reported for the available 
duration of the outdoor study from July 10, 2018 - January 17, 2019 (Table 4.4). 
Table 4.4. Mean ± SD, minimum, and maximum monthly water temperatures (°C) in outdoor 
mesocosms from July 10, 2018 – January 17, 2019, during outdoor spawning trials. 
Month Minimum Maximum Mean ± SD 
July 27.2 33.2 30.2 ± 1.31 
August 25.9 31.2 28.6 ± 1.11 
September 25.4 30.5 27.7 ± 1.16 
October 18.0 28.4 23.7 ± 2.85 
November 6.6 22.5 14.7 ± 3.96 
December 7.6 18.5 12.9 ± 2.56 
January 8.1 17.8 12.7 ± 2.58 
 
Upon seining on January 14 and 17, 2019, one young of the year Bluenose Shiner was 
collected from tank 1 (a 35 mm Bluenose Shiner). Although length at stocking was not recorded, 
all stocked Bluenose Shiners were adults at the time of collection from Ards Creek. Of the 
originally stocked five adult male Bluenose Shiners stocked in each tank, three were recovered 
from Tank 1, all five from Tank 2, and only one from Tank 3. Out of 13 originally stocked adult 
female Bluenose Shiners in each tank, five were recovered from Tank 1 and two each from 
Tanks 2 and 3. One adult male Longear Sunfish was recovered from both Tank 1 and 2. The only 
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adult female Longear Sunfish recovered was from Tank 2. Other fishes collected from all three 
tanks included larval Longear Sunfish and Golden Topminnows. All Bluenose Shiners and 
recovered adult Longear Sunfish were enumerated and measured; a subset of larval Longear 
Sunfish and Golden Topminnows were also measured (Table A.5). 
4.3.5. Ards Creek temperature data and substrate composition 
Temperature and conductivity at the time of each visit to download data from the 
deployed temperature logger are reported in Table 4.5. Water temperature reached an overall 
minimum on December 12, 2018 (7.1°C) and maximum on July 22, 2018 (29.2°C) (Figure 4.2). 
Over the year, the 25th, 50th, and 75th percentiles were 15.2, 20.4, and 25.3°C, respectively. May 
through June water temperatures ranged from 18.6 to 28.7°C, with a mean of 24.8°C. Mean 
monthly water temperatures ranged from 11.7 to 26.6°C (January and July, respectively) (Table 
A.6). 
Table 4.5. Ards Creek temperature and conductivity upon stream visits beginning February 8, 
2018. 
Date Temperature (°C) Conductivity (μS) Dissolved Oxygen (mg/L) 
2/8/2018 11.8 Not recorded Not recorded 
4/12/2018 17.2 25.0 Not recorded 
7/12/2018 26.2 34.0 Not recorded 
9/14/2018 26.3 36.5 6.0 
12/10/2018 9.3 19.5 9.5 
2/8/2019 11.1 27.3 8.2 
 
Ards Creek substrate was characterized mostly by pebbles (> 4 mm) at the Balltown 
Road site, while medium sand (0.5 – 1 mm) was more prevalent at the Old Columbia Road site 
(Table 4.6). Neither site was dominated strictly by one size substrate. 
Table 4.6. Ards Creek substrate size (mm) composition by site (Balltown Road and Old 
Columbia Road crossings).  
Site 16 8 4 2 1 0.5 0.25 0.125 0.063 
Balltown 14.1% 25.2% 18.6% 11.0% 7.3% 15.7% 5.6% 2.0% 0.3% 





Figure 4.2. In-stream temperature data collected from Ards Creek, Angie, LA from February 8, 
2018 to February 8, 2019. Dashed lines indicate the low and high temperatures used in the lab 
for attempted gonadal conditioning (min: 12°C; max: 25°C). The portion within the solid lines 
represents the supposed peak spawning season based on prior studies, and data collected from 
historical collections (Chapter 3). 
4.4. Discussion 
 A single young of the year Bluenose Shiner from the exploratory (outdoor mesocosm) 
aspect of this study was the only spawning success observed throughout multiple test designs. 
Presentation of the most natural setting possible could be a viable option to culture Bluenose 
Shiners. The lone spawning success in outdoor mesocosms may have been influenced by a 
number of factors. The presence of adult and juvenile Golden Topminnows and Longear Sunfish 
in each mesocosm may have been one such negative influence for various reasons. Predation of 
eggs and larvae was likely by all species. Similar to our observations, Johnston and Knight 
(1999) observed Bluenose Shiners entering sunfish nests, in the absence of the sunfish host, to 
feed indiscriminately on eggs and larvae. It is possible that the 35 mm long, young of the year 
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Bluenose Shiner collected was the lone survivor of its cohort as a result of relatively larger size 
at hatch, and faster growth to increase predator avoidance ability. Bluenose Shiners have been 
described to feed exclusively on algae (McLane 1955), but in the current study it was determined 
that they will consume chironomids and larval Culicidae as well. The closely related Bluehead 
Shiners are known to feed on a variety of sources, including microcrustaceans, chironomids, and 
copepods (Fletcher and Burr 1992). Therefore, niche overlap may have also contributed to 
decreased fitness through direct competition for food resources within the mesocosms for aquatic 
insects, in addition to potential predation on adult Bluenose Shiners by Longear Sunfish (Etnier 
and Starnes 1993). 
All three hormone treatments were unsuccessful to induce volitional spawning, even 
when supplemented with supposed environmental cues within the indoor system (vegetation, 
sunfish nest, and host Bluegills). Different hormones may have variable success, but generally, a 
hormone from a closer relative is suggested (Rottmann et al. 1991b). Best results from cGnRH-II 
in the current study was, therefore, unexpected as Ovaprim was the only fish-based gonadotropin 
releasing hormone, and includes a Dopamine antagonist which has been shown to produce 
positive effects in several fish families (Hill et al. 2009). Vazirzadeh et al. (2011) compared the 
efficacy of various hormone injections on spawning of wild-caught female Common Carp 
Cyprinus carpio carpio. Carp pituitary extract (4 mg kg-1), salmon GnRHa + Metoclopramide 
(20 μg kg-1 + 40 mg kg-1), and Freud’s Incomplete Adjuvant emulsified salmon and mammalian 
GnRHa + Metoclopramide (20 μg kg-1 + 40 mg kg-1) each induced ovulation in 60% of injected 
females. Carp pituitary exctract, salmon GnRHa, and emulsion of gonadotropin releasing 
hormones with Freud’s Incomplete Adjuvant could be utilized in future injections to induce 
spawning of Bluenose Shiners. Proper environmental stimuli are an essential prerequisite for 
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hormonal injections, to condition fish into mature reproductive status (Rottmann et al. 1991b; 
Yanong et al. 2009). Observations of breeding colors and fin displays by male Bluenose Shiners, 
and relative stomach robustness in females suggested that environmental cues were adequate to 
stimulate gonadal development. However, development was not quantifiably confirmed due to 
the rarity of Bluenose Shiners. The diet of fishes being conditioned for spawning is also critical 
and may be difficult in fishes without much data on typical natural diets (Yanong et al. 2009). 
Adult Bluenose Shiners likely would have benefited from increased feeding of frozen 
Chironomidae or live Culicidae in preparation for spawning. Future hormone treatments could 
explore the use of carp pituitary extract and/or salmon GnRHa with Bluenose Shiners collected 
mid-late April within a week of laboratory conditioning to ensure gonads are in a 
mature/maturing state for injection. 
Coupled temperature and photoperiod manipulations were anticipated to induce gonadal 
maturation and spawning based on success in other cyprinids (e.g. Rakes et al. 1999; Archdeacon 
and Bonar 2009). Since neither effectively induced spawning in conjunction, there was no 
further experimentation to test the viability of exclusive temperature or photoperiod 
manipulations. Photoperiod was recognized to be standard, ranging from 10 to 14 h light/day as 
is generally observed in Louisiana (Time and Date 2019), but in a stream such as Ards Creek, the 
canopy from adjacent riparian cover may alter the duration of light on a given day. Further, exact 
temperature ranges throughout the year were relatively unknown at the time laboratory trials 
were initiated. Induced spawning of the Yaqui and Gila Chubs were both dependent on 
temperature manipulation, not photoperiod (Kline and Bonar 2009; Schultz and Bonar 2016, 
respectively). However, the mean temperature of 23.0 ± 1.46°C (minimum: 19.7°C; maximum: 
26.1°C) achieved in the current study was representative of Ards Creek stream temperatures in 
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May 2018 (23.5 ± 1.79°C; range: 18.6-27.3°C). Spawning of another rare cyprinid, the Moapa 
Dace Moapa coriacea, was unsuccessful in 13 out of 14 trials (Ruggirello et al. 2018). 
Therefore, it is likely that nest association cues were necessary within a particular time-frame in 
addition to appropriate temperature and photoperiod manipulations to induce spawning. 
Spate simulations were probably unsuccessful due to the volume of water not inducing a 
significant change in temperature or ion concentration (conductivity), with added water only 
comprising 4.8% of the total system volume. Temperature changes following additions were 
minimal, and conductivity changes within the system were not assessed. Thirty-eight L additions 
of low conductivity water likely would have induced similar, insignificant drops in the 
conductivity of approximately 757 L of recirculating water. Conductivity of tanks was decreased 
by approximately 57.5 – 73.2 μhmos cm-1 to induce spawning in 82% of female Brown Hoplo 
Hoplosternum littorale with or without changes in water level (Ramnarine 1995). Spawning of 
the Plains Minnow Hybognathus placitus was determined to be related to highly variable flow 
regimes based on gonadosomatic index (GSI) and discharge data (Taylor and Miller 1990). 
Whether the increases in GSI of the Plains Minnow were a result of temperature, ionic, or flow 
velocity changes associated with the fluctuating hydrograph is unknown. Other factors associated 
with spates or flood pulses such as water level rise and flushing of sediments or nutrients were 
not simulated in our study, but they may play an important role for spawning. 
Laboratory attempts to simulate nest association cues to induce Bluenose Shiner 
spawning were all unsuccessful. In one captive nest associate spawning attempt, five mature 
male and female Redfin Shiners Lythrurus umbratilis were stocked in each of three tanks and 
presented an artificial nest (Johnston 1994). Upon introduction of a male and female Green 
Sunfish Lepomis cyanellus in each tank, the male Redfin Shiners developed breeding colors and 
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began defending territories around the sunfish within an hour. After a week, sunfish had not 
successfully built and guarded nests within the aquaria, the Redfin Shiners did not spawn, and 
lost their spawning colors. Failed attempts with introduced Bluegills in the current study may 
have been a result of similar consequences, in which Bluegills did not appear to tend the 
constructed nest within the tanks. Green Sunfish and Bluegill milt additions were also 
unsuccessful as a final nest association cue. Rakes et al. (1999) successfully induced spawning of 
the Blackside Dace when coupling milt additions with water additions from the nest associates’ 
tank. Failure in the current study may have been mediated by an inability to utilize cues in an 
effective combination or Bluenose Shiners not being reproductively invested at the time. 
Combining knowledge gained from the current study and analyses of historical Bluenose 
Shiner collections (currently unpublished data, Fetterman and Green 2019) should aid future 
spawning attempts. If possible, Bluenose Shiners collected from the wild in mid-late April will 
likely be in the process of gonadal maturation in preparation for spawning. Less acclimation to 
the laboratory may be beneficial to maintaining gonadal maturation and natural spawning 
instincts. Feeding of frozen Chironomidae or live insect larvae (e.g. Culicidae) 2-3 times daily 
could provide adequate nutrition to maintain mature gonads for spawning. Water temperatures 
can be manipulated to imitate those observed in Ards Creek from February 2018 to February 
2019 (Table A.6; Figure 4.2). Since peak spawning condition likely occurs mid-late May or early 
June, those associated water temperatures should be the target for spawning attempts. 
Photoperiod at that time should be in the range of 13.5-14 hours of light per day. To simulate 
nest association, a design incorporating Longear Sunfish in spawning condition over a 
constructed nest, or a combination of nest, Longear Sunfish milt, and water cycled directly from 
a tank containing Longear Sunfish is suggested. Suggestions for future hormonal injections are 
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carp pituitary extract, salmon GnRHa + Metoclopramide, and salmon GnRHa emulsified in 
Freud’s Incomplete Adjuvant. Utilization of some combination of this information may result in 























CHAPTER 5. SUMMARY AND CONCLUSIONS 
 This thesis research investigated reproductive parameters and spawning methodologies in 
two ornamental fish species native to the southeastern United States with the following 
objectives: 1) Quantify intraspecific variation in female Golden Topminnow fecundity and 
subsequent metrics at the embryonic and larval stages; 2) Increase knowledge of Bluenose 
Shiners’ life history and reproduction through morphometric, gonadosomatic index, and gonad 
histology analyses of historical specimens; 3) Identify culture methods for spawning Bluenose 
Shiners. Three hypotheses were presented: 1) Fecundity, and fitness of progeny, increases with 
increasing female Golden Topminnow weight; 2) Bluenose Shiner morphological traits are 
expressed differentially between males and females, and gonadal assessments indicate a peak in 
maturity around mid-May to early-June; 3) Hormone injections and/or natural environmental 
cues can be used to induce spawning of Bluenose Shiners in captivity. Critical findings, potential 
pitfalls, and recommendations from this thesis are subsequently detailed. 
Reproductive Variation in Golden Topminnows 
Female Golden Topminnows did not follow anticipated trends in fecundity or fitness of 
their progeny. The largest size class utilized in this thesis ovulated statistically significantly more 
eggs than small or medium size classes and produced more eggs female-1 day-1. However, when 
standardized by weight to obtain an egg gram-1 measure of fecundity, there was no statistically 
significant difference between the three size classes. Females appear to conserve the energy 
allocated to yolk production, as this measure did not differ between embryos or larvae of any 
size classes. Larval total length and the percent of embryos surviving to hatch were lowest for 
large size class progeny, an unexpected result when yolk volume was conserved across all 
progeny. This discrepancy may be explained by their larger chorion size and non-standardized 
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incubation density (usually greatest in large size class groups). In conjunction, these two factors 
could have contributed to reduced rates of growth and development, morphological changes, and 
a variety of metabolic and physiological adjustments. Therefore, it will be essential to determine 
whether decreased fitness in large size class progeny is an artifact of inferior incubation methods 
or lower overall fitness regardless of incubation technique. 
 Large size class females are preferable for production of Golden Topminnows despite the 
inconclusive evidence favoring them. The number of eggs female-1 day-1 produced through 
palpations was 5.2 for the large size class, compared to 2.0 and 1.1 for medium and small size 
classes, respectively. Egg production should still exceed that of medium and small size classes if 
fish are stocked at the same biomass and decreased survival is accounted for in large size class 
progeny. For example, the average weights of fish producing the aforementioned eggs female-1 
day-1 were 5.0, 7.7, and 10.7 g for small, medium, and large females, respectively. Scaling these 
to a consistent stocking biomass of 454 g (1 pound of fish - common fish stocking metric), they 
would produce 100, 118, and 221 eggs day-1. Further accounting for the mean survival rates 
observed in the current study (78.2, 73.3, and 45.5%), the large size class still theoretically 
produces the greatest number of eggs day-1 at 101 (compared to 78 and 86 for small and medium, 
respectively). Spawntex spawning mats (suspended and/or on the substrate) are adequate for egg 
collection in outdoor mesocosms or indoor recirculating systems within an optimum temperature 
range of 27-30°C. Employment of circulating incubation trays that provide freshwater (at 
approximately 26°C) to the developing embryos would further improve survival of embryos. 
Larvae should be fed a high lipid, powdered diet at least twice a day, beginning within a couple 




Morphology and Gonadal Condition of Bluenose Shiners 
Historical collections of Bluenose Shiners have utility to answer research questions that 
may otherwise be unattainable given their listing as rare, threatened, or of special concern within 
each of their native states. Males and females are distinct from each other in all metrics 
examined within this thesis. Dorsal and anal fin length, the most visually dimorphic traits aside 
from bright blue snouts, begin to significantly differentiate at a total length of 45 mm. 
Gonadosomatic index did not display a singular peak in reproductive investment within females 
or males, but the two trends mirrored each other. This was not unexpected, as the historical 
collections did not originate from the same sample location over a single spawning season. 
Female gonad histology displayed decreasing proportions of primary growth oocytes within the 
ovaries as tertiary vitellogenic oocytes increased to their peak in the May 14 and June 1 
collections. Further, standardization of GSI by length indicated a distinct segregation between all 
of the May 14 and June 1 fish sampled (and some others) from those that did not exhibit greater 
proportions of tertiary vitellogenic oocytes. Additional insight to these trends was gathered from 
historical air temperature data and degree-day calculations. The April 21 sample produced an 
unexpected peak in GSI. These fish were collected following an irregularly warm winter, their 
second greatest mean GSI was corroborated by the second greatest degree-days before GSI 
declined. Together, these findings suggest that Bluenose Shiners typically invest in gonadal 
maturation through the spring and spawn sometime between mid-May and early-June. 
 The information gained through this historical analysis is demonstrative of reproductive 
condition in Bluenose Shiners at particular points in time. However, Bluenose Shiners from the 
present Ards Creek sample location or those in captivity were never similarly assessed. Provided 
the status and low number of Bluenose Shiners collected for captive spawning trials, it was 
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deemed inappropriate to sacrifice fish for comparison to historical samples. The morphological 
analyses were also limited in their scope, without comparison to present-day specimens and 
employing more traditional methods of measurement. In future examinations of historical 
specimens, when permissible, morphology and gonadal analyses of specimens collected under 
known environmental conditions and habitat characteristics should also be conducted.  
Bluenose Shiner Spawning Trials 
Culture of small, nest-associating cyprinids calls for further research to establish more 
effective strategies. Chapter 4 of the current study describes several attempts to induce spawning 
in Bluenose Shiners. All laboratory trials were unsuccessful, and only one young-of-the-year fish 
was discovered in the outdoor mesocosm exploratory trials, of which no exact spawning cue(s) 
could be determined. Hormone injections seem to be an unlikely solution, as they are intrusive 
for a small-bodied fish and did not cause females in the current study to freely release ovulated 
eggs for fertilization by males. Possible explanations for the failure to induce spawning in 
laboratory trials are: 1) in environmental simulation trials, oocytes may have reached peak 
maturity but sunfish cues were absent; 2) in trials utilizing various sunfish cues (milt or live 
sunfish), oocytes may have undergone regression following the failure to induce spawning at 
peak maturity through the initial environmental simulations. Water temperature data from a full 
year of deployment (February 8, 2018 to February 14, 2019), paired with the gonadosomatic 
index and gonad histology results from Chapter 3 are suggestive that increasing water 
temperatures through the spring promote gonadal maturation to a peak that corresponds with a 
plateau in water temperature through the summer. 
Future spawning trials should utilize the following methods. Collect Bluenose Shiners in 
early April and introduce them to a recirculating aquaculture system at the water temperature 
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observed in the stream during collection. Subsequently, temperature and photoperiod should be 
increased to 24°C and 13.5 hours of light to 10.5 hours of dark over the course of one to two 
weeks. At this time, a pebble ‘sunfish nest’ and Spawntex mat should be introduced to the 
Bluenose Shiner’s aquarium (BSA), water from a separate aquarium containing Longear Sunfish 
cycled through the BSA, and milt recently stripped from Longear Sunfish pipetted into the BSA. 
If eggs are not observed in the spawning substrate or on the base of the tank, the water 
temperature should be increased by 1°C for at least 2 days prior to each subsequent repetition of 
the cycling of sunfish cues. 
 
The findings of this thesis should be utilized to further improve production of Golden 
Topminnows and establish methodologies for captive spawning of Bluenose Shiners. Life-
history knowledge can be extended to the conservation of critical spawning habitat and water 
temperature regimes, and when applicable, can be used to compare reproductive status of study 












APPENDIX. SUPPLEMENTAL TABLES 
Table A.1. Mean ± SEM and range for morphometric measures of total length (TL), standard length (SL), head length (HL), max body 
depth (MBD), body depth at the anus (BDA), dorsal fin base (DFB), dorsal fin length (DFL), anal fin length (AFL), and weight (WT) 
for male (M) and female (F) Bluenose Shiners from each historical collection examined for this thesis. 
State Location Sex (n) TL (mm) SL (mm) HL (mm) MBD (mm) BDA (mm) DFB (mm) DFL (mm) AFL (mm) WT (g) 
LA 
AC1 
M (21) 42.3 ± 0.94 34.1 ± 0.84 8.6 ± 0.20 6.7 ± 0.20 5.5 ± 0.18 4.8 ± 0.14 10.4 ± 0.56 8.8 ± 0.48 0.5 ± 0.04 
 35.90 - 48.22 26.68 - 39.39 6.92 - 9.78 5.33 - 8.22 4.24 - 6.79 3.86 - 6.01 7.07 - 14.83 6.40 - 13.22 0.26 - 0.73 
F (29) 39.4 ± 0.70 32.1 ± 0.55 7.8 ± 0.14 6.6 ± 0.14 5.1 ± 0.12 4.3 ± 0.09 7.3 ± 0.15 6.1 ± 0.13 0.4 ± 0.02 
 31.79 - 46.64 26.11 - 37.93 6.51 - 9.12 5.08 - 8.07 3.65 - 6.36 3.10 - 5.50 5.81 - 8.86 4.72 - 8.00 0.20 - 0.64 
AC2 
M (2) 43.6 ± 3.54 35.3 ± 2.98 8.3 ± 0.30 6.8 ± 0.43 5.5 ± 0.27 4.6 ± 0.51 8.4 ± 0.93 7.6 ± 0.81 0.5 ± 0.09 
 40.06 - 47.14 23.31 - 38.27 8.03 - 8.63 6.34 - 7.20 5.20 - 5.74 4.05 - 5.08 7.46 - 9.33 6.81 - 8.42 0.38 - 0.57 
F (14) 40.6 ± 1.18 32.9 ± 0.97 7.8 ± 0.22 6.2 ± 0.25 4.8 ± 0.18 4.1 ± 0.18 7.3 ± 0.28 6.2 ± 0.20 0.4 ± 0.03 
 30.01 - 48.57 24.75 - 40.01 6.05 - 9.65 4.21 - 7.44 3.36 - 5.75 2.73 - 5.87 4.60 - 8.83 4.42 - 7.26 0.13 - 0.56 
LC1 
M (30) 60.7 ± 1.59 49.5 ± 1.33 11.5 ± 0.29 10.3 ± 0.33 8.8 ± 0.30 7.4 ± 0.23 21.4 ± 1.13 16.5 ± 0.85 1.7 ± 0.12 
 41.93 - 71.99 33.59 - 58.34 8.05 - 13.46 6.61 - 12.49 5.44 - 11.00 4.63 - 9.11 8.27 - 29.57 7.64 - 22.50 0.45 - 2.60 
F (20) 53.4 ± 1.33 43.5 ± 1.10 10.0 ± 0.23 10.1 ± 0.31 7.9 ± 0.22 5.7 ± 0.15 10.2 ± 0.27 8.3 ± 0.22 1.2 ± 0.09 
 40.71 - 65.40 32.97 - 53.83 8.10 - 11.50 7.22 - 12.53 5.56 - 9.35 4.31 - 6.99 7.96 - 12.71 6.30 - 10.09 0.45 - 2.04 
LC2 
M (11) 48.7 ± 1.87 39.2 ± 1.55 9.6 ± 0.34 7.7 ± 0.36 6.2 ± 0.39 6.0 ± 0.36 12.9 ± 1.32 9.8 ± 0.94 0.8 ± 0.13 
 44.13 - 64.88 34.58 - 52.84 8.65 - 12.54 6.68 - 10.59 5.34 - 9.76 4.62 - 8.78 9.66 - 24.69 7.84 - 18.33 0.50 - 2.00 
F (39) 50.3 ± 0.64 40.7 ± 0.54 9.5 ± 0.13 8.7 ± 0.14 7.0 ± 0.11 5.4 ± 0.10 9.6 ± 0.14 7.8 ± 0.13 0.9 ± 0.04 
 42.74 - 59.87 34.33 - 49.38 7.87 - 11.49 6.46 - 10.59 5.66 - 8.77 4.24 - 6.75 8.14 - 12.26 6.44 - 9.72 0.49 - 1.63 
TC1 
M (13) 53.3 ± 2.26 44.1 ± 1.90 10.4 ± 0.45 8.5 ± 0.40 7.4 ± 0.41 6.3 ± 0.38 14.5 ± 1.42 12.2 ± 1.17 1.1 ± 0.13 
 37.71 - 63.95 31.24 - 52.96 7.48 - 12.71 5.61 - 10.01 4.54 - 9.52 4.14 - 8.36 7.23 - 23.40 5.54 - 18.55 0.31 - 1.78 
F (16) 47.3 ± 0.64 39.0 ± 0.55 9.1 ± 0.11 8.1 ± 0.24 6.7 ± 0.18 5.0 ± 0.14 8.6 ± 0.15 7.3 ± 0.14 0.7 ± 0.05 








State Location Sex (n) TL (mm) SL (mm) HL (mm) MBD (mm) BDA (mm) DFB (mm) DFL (mm) AFL (mm) WT (g) 
LA TC2 
M (14) 47.2 ± 1.05 38.0 ± 0.89 9.2 ± 0.20 7.5 ± 0.22 6.0 ± 0.19 5.4 ± 0.23 12.0 ± 0.61 10.2 ± 0.48 0.7 ± 0.05 
 40.77 - 52.83 32.51 - 42.17 7.97 - 10.54 6.11 - 8.68 4.79 - 7.37 4.04 - 6.65 9.73 - 16.21 8.19 - 13.76 0.41 - 0.96 
F (19) 42.5 ± 0.58 34.2 ± 0.46 8.2 ± 0.11 7.0 ± 0.14 5.5 ± 0.13 4.5 ± 0.09 8.2 ± 0.15 6.9 ± 0.12 0.5 ± 0.02 
  38.41 - 46.88 30.87 - 38.23 7.09 - 8.97 5.83 - 8.15 4.79 - 6.62 3.56 - 4.94 6.96 - 9.33 6.02 - 8.09 0.38 - 0.69 
MS 
BC1 
M (28) 53.8 ± 0.65 44.3 ± 0.52 10.5 ± 0.12 8.8 ± 0.12 7.5 ± 0.11 6.8 ± 0.10 14.1 ± 0.38 12.2 ± 0.31 1.1 ± 0.04 
 40.85 - 57.65 34.10 - 47.40 8.48 - 11.44 6.60 - 9.71 5.66 - 8.43 5.58 - 7.70 8.15 - 16.79 6.93 - 14.24 0.46 - 1.36 
F (22) 47.7 ± 0.44 39.5 ± 0.38 9.4 ± 0.09 7.8 ± 0.13 6.5 ± 0.09 5.7 ± 0.09 9.4 ± 0.12 8.1 ± 0.13 0.7 ± 0.03 
 43.21 - 50.90 35.67 - 42.08 8.51 - 10.13 6.65 - 9.47 5.82 - 7.34 4.87 - 6.41 8.28 - 10.75 7.28 - 9.51 0.52 - 1.03 
BC2 
M (28) 46.1 ± 0.73 38.0 ± 0.60 9.2 ± 0.14 7.3 ± 0.15 6.2 ± 0.12 5.7 ± 0.12 10.8 ± 0.47 9.2 ± 0.37 0.6 ± 0.03 
 38.23 - 51.54 31.27 - 42.70 7.51 - 10.32 5.83 - 8.51 5.00 - 7.62 4.70 - 6.99 7.18 - 16.40 6.07 - 13.71 0.33 - 0.90 
F (22) 44.3 ± 0.42 36.3 ± 0.35 8.9 ± 0.08 7.8 ± 0.11 6.0 ± 0.09 5.2 ± 0.07 8.5 ± 0.10 7.0 ± 0.11 0.6 ± 0.02 
 40.52 - 49.17 33.48 - 40.29 8.34 - 9.89 6.78 - 8.84 5.35 - 6.86 4.57 - 5.69 7.72 - 9.30 5.80 - 7.91 0.41 - 0.77 
BC3 
M (19) 41.4 ± 0.94  34.1 ± 0.79 8.4 ± 0.15 6.8 ± 0.22 5.7 ± 0.19 5.2 ± 0.16 8.3 ± 0.34 7.0 ± 0.27 0.5 ± 0.04 
 36.44 - 52.17 29.87 - 42.55 7.66 - 10.00 5.81 - 9.05 4.84 - 7.52 4.43 - 6.95 7.00 - 12.98 5.69 - 10.63 0.31 - 0.97 
F (31) 41.2 ± 0.43 34.0 ± 0.37 8.4 ± 0.07 6.9 ± 0.09 5.7 ± 0.08 5.0 ± 0.07 7.8 ± 0.11 6.4 ± 0.10 0.5 ± 0.02 
 37.14 - 49.32 30.73 - 40.66 7.70 - 9.59 6.04 - 8.32 4.84 - 6.93 4.38 - 5.98 6.64 - 9.52 5.69 - 7.82 0.33 - 0.80 
BM 
M (21) 49.4 ± 0.75 40.2 ± 0.61 9.5 ± 0.17 8.1 ± 0.16 6.6 ± 0.13 5.7 ± 0.13 11.3 ± 0.46 9.2 ± 0.33 0.7 ± 0.04 
 42.96 - 54.90 35.30 - 45.34 8.51 - 10.93 6.80 - 9.28 5.60 - 7.79 4.65 - 6.50 8.62 - 15.63 7.09 - 12.34 0.46 - 1.04 
F (29) 45.6 ± 0.57 37.1 ± 0.47 9.0 ± 0.14 7.7 ± 0.22 6.1 ± 0.15 4.9 ± 0.09 8.5 ± 0.17 6.8 ± 0.15 0.6 ± 0.03 
  40.22 - 51.73 31.52 - 41.47 7.57 - 11.24 5.88 - 11.44 4.50 - 7.58 4.05 - 6.44 6.99 - 10.91 5.60 - 9.02 0.34 - 1.11 
LA & MS All 
M (187) 49.8 ± 0.60 40.7 ± 0.50 9.8 ± 0.11 8.1 ± 0.12 6.8 ± 0.11 6.0 ± 0.09 13.2 ± 0.39 10.8 ± 0.29 0.9 ± 0.04 
 35.90 - 71.99 26.68 - 58.34 6.92 - 13.46 5.33 - 12.49 4.24 - 11.00 3.86 - 9.11 7.00 - 29.57 5.54 - 22.50 0.26 - 2.60 
F (241) 45.4 ± 0.35 37.0 ± 0.29 8.8 ± 0.06 7.7 ± 0.09 6.2 ± 0.07 5.0 ± 0.04 8.6 ± 0.08 7.1 ± 0.06 0.7 ± 0.02 
  30.01 - 65.40 24.75 - 53.83 6.05 - 11.50 4.21 - 12.53 3.36 - 9.35 2.73 - 6.99 4.60 - 12.71 4.42 - 10.09 0.13 - 2.04 
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Table A.2. General linear models of best fit for morphometric measures in relation to total length 
(TL). All models fit best prior to the fifth-degree polynomial (linear, quadratic or quartic; no 
cubic model was a best fit with total length as the independent variable). 
Characteristic Sex Model R-square F-value P-value 
SL F Linear 0.99 16893.3 < 0.01 
 M Linear 0.99 24129.9 < 0.01 
HL F Quadratic 0.88 908.8 < 0.01 
 M Linear 0.95 3356.0 < 0.01 
MBD F Quadratic 0.84 622.0 < 0.01 
 M Linear 0.96 3971.3 < 0.01 
BDA F Linear 0.86 1413.8 < 0.01 
 M Quadratic 0.94 1414.8 < 0.01 
DFB F Linear 0.60 364.1 < 0.01 
 M Linear 0.88 1377.18 < 0.01 
DFL F Linear 0.90 2255.7 < 0.01 
 M Quadratic 0.93 1319.2 < 0.01 
AFL F Linear 0.79 912.72 < 0.01 
 M Quartic 0.92 544.87 < 0.01 
WT F Quadratic 0.95 2188.34 < 0.01 





























Table A.3. Photoperiod manipulations utilized in the current study to simulate the progression of 
photoperiod from winter (decreased daylight hours), through spring, to summer (increased 
daylight hours). These manipulations were intended to prompt Bluenose Shiners to invest in 
gonad development for spawning. 
Date Adjustment (hours) Hours of Light 
Initial None 10.0 
3/5/2018 +0.5 10.5 
3/10/2018 +0.5 11.0 
3/15/2018 +0.5 11.5 
3/20/2018 +0.5 12.0 
3/24/2018 +0.5 12.5 
3/30/2018 +0.5 13.0 
4/9/2018 +0.5 13.5 


































Table A.4. Water temperature manipulations utilized in the current study to simulate the 
progression of from winter (low water temperature), through spring, to summer (high water 
temperature). These manipulations were intended to promote gonadal investment in Bluenose 
Shiners and prompt spawning. 
Date Adjustment (°C) Temperature (°C) 
Initial None 12 
3/5/2018 +1 13 
3/8/2018 +1 14 
3/12/2018 +1 15 
3/16/2018 +1 16 
3/20/2018 +1 17 
3/23/2018 +1 18 
3/28/2018 +1 19 
4/2/2018 +1 20 
4/6/2018 +1 21 
4/9/2018 +1 22 
4/13/2018 +1 23 
4/25/2018 +1 24 






























Table A.5. Results from seining outdoor mesocosms stocked with 5 male and 13 female 
Bluenose Shiners (BN), 3 adult Longear Sunfish (LS), and containing remnant Golden 
Topminnows (GT). Sex of non-adults was not recorded. 
Species Adult Sex Tank N Mean ± SEM Length (mm) 
BN Yes Female 1 5 49 ± 1.2 
   2 2 46 ± 5.0 
   3 2 50 ± 5.0 
  Male 1 3 53 ± 3.8 
  2 5 57 ± 3.4 
  3 1 56 
 No - 1 1 35 
LS Yes Female 2 1 108 
  Male 1 1 140 
  2 1 120 
 No - 1 14 23 ± 0.8 
   2 9 23 ± 1.5 
   3 14 24 ± 1.5 
GT No - 1 13 42 ± 3.1 
   2 15 45 ± 2.8 


























Table A.6. Mean ± SD, minimum, and maximum monthly water temperatures (°C) in Ards 
Creek, Angie, LA from February 8, 2018 - February 8, 2019. *Since February contains 
temperature data from 2018 and 2019, there is an influence of differing climatic variables. 
Month Minimum Maximum Mean ± SD 
January 7.5 17.3 11.7 ± 2.42 
February* 9.5 24.1 17.7 ± 3.46 
March 11.6 22.4 17.3 ± 2.59 
April 13.8 22.7 18.3 ± 1.58 
May 18.6 27.3 23.5 ± 1.79 
June 23.8 28.8 26.1 ± 1.07 
July 24.0 29.2 26.6 ± 0.90 
August 24.2 27.7 25.7 ± 0.71 
September 23.1 27.8 25.5 ± 0.90 
October 16.1 25.8 21.3 ± 2.84 
November 7.8 20.7 13.7 ± 3.42 
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